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Abstract 
 
Knowledge of spatial and temporal variation in abundance is critical for the implementation 
of effective protective measures for organisms that are both naturally rare and vulnerable to 
exploitation. Therefore, the development of management and conservation strategies for taxa 
like teleosts and elasmobranchs, depends on the accurate assessment and monitoring of the 
distribution and abundance of target species. However, detecting species occurrences is often 
even more challenging in the aquatic environment than on land. Consequently, as is the case 
for many mobile, and often rare, vertebrates, fish (and particularly shark) detection is 
inherently difficult. Environmental DNA metabarcoding, based on the retrieval of genetic 
traces (skin cells, metabolic waste, etc.) naturally released in the environment, is emerging as 
a non-invasive method for the detection and identification of rare and elusive species in a 
wide range of ecosystems, including aquatic environments. My thesis addresses the 
development and application of an environmental DNA (eDNA) approach for the assessment 
of marine communities, and particularly of elasmobranch species. This novel eDNA 
approach was developed to investigate elasmobranch diversity in order to assess species 
richness in areas of special conservation concern. While simultaneously examining the 
influence of interacting factors such as habitat type and conservation regime in determining 
diversity and abundance. Additionally, the performance of eDNA analysis was compared 
with more traditional sampling methods. Moreover, the performances of multiple markers for 
the detection and characterization of both elasmobranch and teleost diversity were tested and 
evaluated. The potential implications of eDNA for fish, and larger scale marine community 
assessment and monitoring, spatial planning and fisheries management are significant. 
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1 Chapter I 
Introduction and Background 
 
1.1 What is environmental DNA (eDNA)? 
All organisms continuously leave traces of themselves behind in the environment, in the form 
of shed skin cells, hairs, bodily fluids, metabolic waste, gametes or blood. Any of these 
materials can contain pieces of the organism’s DNA. Environmental DNA (eDNA) analysis 
is based on the retrieval of this naturally released genetic material from the environment. It 
generally refers to bulk DNA extracted from an environmental sample such as water, but also 
from soil, sediment, snow, or even from air (Taberlet et al. 2012). In aquatic systems, macro-
organismal derived eDNA can be present as free DNA, cellular debris or particle bound 
DNA, and is mostly present in small fragments, owing to rapid degradation (Turner, Barnes, 
et al. 2014). But, much of the eDNA is retrieved from cellular material and may therefore 
contain still relatively undamaged nucleic acid molecules. Nevertheless, eDNA studies 
mostly focus on the detection of short fragments, as currently available parallel sequencing 
and qPCR platforms have short-read capabilities limited to a few hundred base pairs. When 
DNA is present at low concentrations, mitochondrial DNA (mtDNA) is often targeted, since 
there are substantially more mitochondrial than nuclear DNA copies per cell (Wilcox et al. 
2013). Commonly employed mtDNA genes include cytochrome b, cytochrome c oxidase 1 
(COI), 12S rRNA, and 16S rRNA (Kelly, J. a. Port, et al. 2014; Thomsen, Kielgast, Lars 
Lønsmann Iversen, et al. 2012; Valentini et al. 2016), and targeted fragments typically fall 
within the range of 79-285 bp (Ficetola et al., 2008; Minamoto et al., 2012). The level of 
target specificity is often the main determining factor when choosing primers for eDNA 
analysis. Environmental DNA is emerging as a non-invasive method for the detection and 
identification of rare and elusive species in a wide range of ecosystems, including aquatic 
environments (Port et al. 2016; Thomsen, Kielgast, Lars Lønsmann Iversen, et al. 2012; 
Yamamoto et al. 2017). It is rapidly diffused from its source and degraded under the 
influence of local environmental conditions such as mechanical forces, UV radiation, pH, 
temperature (Barnes et al., 2014; Jerde et al., 2011;Pilliod et al., 2014), microbial activity 
(Barnes et al. 2014a), and spontaneous chemical reactions such as oxygenation (Nielsen et al. 
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2007; Lindahl 1993). This indicates a low probability of long-distance dispersal of eDNA in 
aquatic ecosystems (Thomsen and Willerslev, 2015). Hence, the detection of eDNA from a 
specific taxon indicates its presence or very recent presence in the environment (O’Donnell et 
al. 2017). However, there remains much uncertainty on the impact of oceanic currents on the 
local-scale spatial patterns of trace DNA, especially in open marine systems (Hajibabaei et al. 
2006; Taberlet et al. 2012). 
Owing to recent advances in high-throughput sequencing and bioinformatics, the use of 
eDNA has developed into a cost-effective and rapid, non-invasive method for collecting and 
analysing biological samples from large portions of the environment without the necessity of 
isolating the target species (Handelsman 2005). Using this approach, thousands of species 
present in any environmental sample can be detected by high-throughput DNA sequencing 
and identified using molecular taxonomic databases, thus revolutionizing our ability to detect 
species and conduct genetic analysis for conservation, management and research of aquatic 
ecosystems. 
  
1.2 A short history of eDNA 
Over the past decade, there has been substantial development of eDNA recovery and 
sequencing techniques, which have resulted in an increasing interest in its use as a tool for 
both targeted species detection and biodiversity assessments (Handelsman, 2005). The term 
‘eDNA’ was first used by microbiologists, who have been applying the eDNA method since 
the mid-1980’s, to assess the diversity of micro-organism communities in ancient marine 
sediments (Willerslev et al. 2003). The general eDNA methods currently used for monitoring 
aquatic populations arose from this early work (Bailiff & Karl 1991; Paul et al. 1996; 
Weinbauer et al. 1993). Subsequently, in the 1990’s, eDNA methods were employed to 
monitor phytoplankton blooms and to assess changes in biomass of bacterial and viral 
communities (Thomsen & Willerslev 2015). The use of eDNA has more recently been 
developed to elucidate macro-organism identity in aquatic environments. However, the 
nature of eDNA from macro-organisms in environmental samples is different from that of 
microbial organisms (prokaryotes and microbial eukaryotes) because the former are present 
only as part of the organism (cellular remains or free DNA), whereas the latter may be 
detected by DNA derived from whole, living organisms present in the samples (Thomsen and 
Willerslev, 2015).  
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 Environmental DNA as a method to assess the diversity of macro-organismal 
communities was first applied to sediments, revealing DNA from extinct and extant 
mammals, birds and plants (Ficetola et al., 2008). In 2008, the eDNA method was applied for 
the first time to confirm the presence of an aquatic invasive species, the American bullfrog 
(Rana catesbiana), from water samples in a natural lentic system (Jerde et al. 2011). 
Subsequently, the first eDNA study in freshwater lotic systems for the detection of invasive 
Asian carp was published in 2011 (Foote et al. 2012). In 2012, eDNA analysis was first 
applied to the marine environment for the detection of marine mammals (Thomsen, Kielgast, 
Lars Lønsmann Iversen, et al. 2012), and for the estimation of marine fish diversity (Piaggio 
et al. 2014; Pilliod et al. 2014; Yamamoto et al. 2017). Environmental DNA has since been 
applied for the detection of a large range of aquatic species in both freshwater and marine 
systems (Sigsgaard et al., 2016; Simpfendorfer et al., 2016; Gargan et al., 2017; Weltz et al., 
2017), and more recently, for the detection of sharks and rays (Sigsgaard et al., 2016; 
Simpfendorfer et al., 2016; Bakker et al., 2017; Gargan et al., 2017; Weltz et al., 2017). 
 
1.3 eDNA vs. traditional monitoring techniques 
Currently established survey methods, such as fishing by long-lining or gill-netting, acoustic 
or satellite tagging and monitoring, baited remote underwater video (BRUV), underwater 
visual census (UVC), ecological knowledge surveys and fisheries-dependent population 
surveys, all have associated biases and challenges. These include being potentially resource 
intensive, selective and dependent on taxonomic expertise, and sometimes invasive and 
potentially traumatogenic (Lodge et al., 2012; Simpfendorfer et al., 2016; Wheeler, 2004). 
Traditional surveys are also highly susceptible to false negatives; failing to detect rare of 
cryptic species that are present. Therefore, the assessment and monitoring of the distribution 
and abundance of mobile species in aquatic environments remains challenging and would 
benefit from new, complementary methods of investigation. 
 Environmental DNA has been shown to be a reliable detection method, matching, or 
even outperforming, conventional survey methods (Dejean et al. 2011; Huver et al. 2015). 
Since eDNA analysis is an inherently non-invasive detection method, there is no necessity for 
the species of interest (or its habitat) to be either disturbed or caught, in order to establish 
their presence, or to acquire a positive taxonomic identification. Without the need for visual 
detection, using eDNA makes it easier to detect rare species, or those species which have 
juvenile stages that closely resemble other species (Dejean et al., 2011; Huver et al., 2015).  
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 Species of conservation concern often have low population numbers, making surveys 
based on eDNA methods particularly suitable for informing applied conservation efforts 
(Foote et al., 2012; Olson et al., 2012; Thomsen et al., 2012). Likewise, exotic and invasive 
species are typically rare at their expanding range margins, requiring highly sensitive 
detection methods (Dejean et al. 2011). False negatives in presence-absence data using 
traditional methods can prevent effective habitat protection for threatened species. A 
particular case study concerning shark species has recently been described for the New 
Caledonian archipelago. Here, both 2,758 Under Water Visual Censuses (UVC) and 385 
Baited Underwater Video Stations (BRUVs) detected 9 shark species. While with only 22 
eDNA samples, 13 shark species were detected. Thus, despite two orders of magnitude less 
sampling effort, with eDNA analysis, 44% more shark species were detected compared to 
UVC’s and BRUV’s, revealing a greater diversity of sharks than previously thought. Hence, 
indicating the need for large-scale eDNA assessments to improve shark monitoring and 
conservation efforts (Boussarie et al. 2017 in press).  
 In terms of sampling effort, eDNA analysis can offer considerable time and cost 
benefits (Rees et al. 2014; Valentini et al. 2016), especially concerning the distribution of rare 
and threatened species (Simpfendorfer et al. 2016). Collecting water samples requires 
significantly less time and resources compared to traditional survey methods. This is 
particularly true when target species are found in remote and/or difficult to access areas 
(Jerde et al. 2011; Rees et al. 2014). During a study of invasive Asian carp detection, it took 
93 days of person effort to detect one silver carp (Hypophthalmichthys molitrix) by 
electrofishing, whereas eDNA analysis required only 0.174 days person effort to achieve a 
positive detection (Giles et al. 1980). Additional advantages of the eDNA method compared 
to traditional sampling relate to the ease of obtaining permits for the collection and handling 
of water samples vs. (live) animals. And sampling can often be carried out under more 
extreme weather conditions
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 There are however, important caveats associated with eDNA detection and traditional 
survey methods still have a number of advantages over eDNA methodologies. Foremost, 
using eDNA analysis, it is not possible to distinguish whether the detected DNA from a 
certain species has been released by a dead or live animal. However, the analysis of 
environmental RNA (eRNA) is an emerging technique, which may help overcome this issue 
(Pochon et al. 2017). Additionally, eDNA methods do not provide information on size, 
movement patters, condition, developmental stage (eggs, larvae, juveniles, adults) and sex of 
the target organism. Moreover, the detection of an individual’s DNA, without direct 
observation, cannot provide information on the exact location of the animal. Furthermore, 
when using a mitochondrial marker, of which the DNA is mostly maternally inherited 
(Mahon et al. 2013; Eichmiller et al. 2014), it will not be possible to distinguish hybrids 
(which may be the result of breeding between native and invasive species), from their 
maternal species. Lastly, inferring abundance information from eDNA remains challenging 
and is a key area for further research (Doi et al. 2017; Klobucar et al. 2017; Doi, Uchii, et al. 
2015). 
 Environmental DNA is becoming a rapid and cost-effective tool for collecting 
species’ presence, distribution, and with some caveats, (relative) abundance data. Most likely, 
with continuing development in the fields of DNA sequencing and bioinformatics, eDNA 
methods will increasingly complement (rather than completely replace) traditional survey 
methods. 
 
1.4 eDNA approaches: species-specific vs. metabarcoding 
Currently, the use of eDNA can broadly be divided into two main approaches, a single-
species approach (eDNA barcoding) and a multi-species approach (eDNA metabarcoding). 
Environmental DNA barcoding is aimed at detecting a single species in the environment by 
Polymerase Chain Reaction (PCR) or quantitative PCR (qPCR). Whether the amplified 
eDNA sequences belong to the target species, is then often confirmed through Sanger 
sequencing (Mahon et al., 2013; Eichmiller, Bajer and Sorensen, 2014). Conventional PCR 
has previously been used for species-specific eDNA detection (Bourlat et al. 2013). However, 
quantitative PCR (qPCR) offers a distinct advantage over traditional endpoint PCR 
techniques through the addition of a fluorescent dye (e.g. SYBR™ Green) or a fluorescently 
labelled reporter probe, which allows the amplification of the target sequence to be monitored 
in real-time by the qPCR platform. Quantification is measured against a simultaneously ran 
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standard curve, based on samples of a known concentration of reference DNA (Herder et al. 
2014).  Probe-based qPCR increases both detection specificity and sensitivity, as the use of a 
probe, in combination with forward and reverse primers, ensures that there are three 
sequences to check against the target template DNA (Herder et al., 2014). However, it is 
limited to the detection of only one or a few target organisms at a time (Sanger et al. 1977). 
 The alternative to traditional DNA Sanger sequencing (Taberlet et al. 2012) and 
eDNA barcoding (which can only sequence specimens individually) for species detection, is 
eDNA metabarcoding (the prefix ‘meta’ referring to the collection of barcode genes across 
the taxonomical spectrum of the samples). This multi-species approach simultaneously 
identifies multiple taxa from an environmental sample without the need for ‘a priori’ 
knowledge of the species likely to be present (Valentini et al. 2016; Yamamoto et al. 2017). 
Metabarcoding offers a tremendously enhanced capability in biodiversity studies because it 
has the potential to characterise the full community of species present in a set of complex 
environmental samples (R. P. Kelly et al. 2017; Leray & Knowlton 2015; Miya et al. 2015; 
Yamamoto et al. 2017). Metabarcoding employs high-throughput sequencing, while using 
more generalised PCR primers in order to mass-amplify a taxonomically informative marker 
gene and can thus offer a comprehensive view of an ecosystem. This method has the potential 
to reveal hundreds or thousands of taxa (and potentially their abundances) from a single 
environmental sample.  
 
1.5 Applications of eDNA techniques in shark biology studies  
One quarter of all Chondrichthyans (sharks, skates, rays, and chimeras) are currently 
considered threatened (Dulvy et al. 2014). Coastal and continental shelf-dwelling rays and 
sharks, such as sawfishes and angel sharks, are particularly at risk from overexploitation and 
other anthropogenic threats (Dulvy et al. 2016). Traditional survey methods have proven to 
be useful for determining the presence and distribution of a range of shark and ray species 
(Vaudo & Heithaus 2012; Kajiura & Tellman 2016; Kessel et al. 2016; Guttridge et al. 2017; 
Hansell et al. 2017). However, confirming the presence of a target species relies on locating 
and/or catching the animals, which can prove challenging and time-consuming for many 
species due to their rarity, cryptic habits, ecological specialisation and potential occurrence in 
remote and difficult to access locations (Barnes & Turner 2016). With over half of 
Chondrichthyan species considered data deficient, there is a clear urgency to rapidly increase 
the knowledge of these species’ life histories and current distributional ranges to further 
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conservation and management efforts. Environmental DNA may be the “game changing” 
genetic technique for the study of sharks and their relatives, not only allowing for 
the time- and cost-effective gathering of crucial species’ occurrence and distribution 
information, but also providing much needed ecosystem-wide species composition and 
population level data. 
 
 Occurrence and distribution of rare and endangered species 1.5.1
The application of eDNA techniques for the detection of sharks and their relatives has only 
been described recently. The first study dedicated specifically to the detection of an 
elasmobranch species, successfully detected the critically endangered largetooth sawfish 
(Pristis pristis) in freshwater habitats in northern Australia in locations with both known 
(based on gillnet surveys and traditional ecological knowledge from local Indigenous ranger 
groups) and unknown sawfish presence (Simpfendorfer et al. 2016). The versatility of the use 
of eDNA techniques in elasmobranch species detection has further been demonstrated with 
the eDNA barcoding approach being successfully applied in two widely different marine 
habitats: within a coastal embayment for the detection of the endangered Maugean skate 
(Zearaja maugeana) (Weltz et al. 2017), and above the summits of oceanic seamounts for the 
Chilean devil ray (Mobula tarapacana) (Gargan et al. 2017). Positive eDNA detections in 
water samples, identifying these endangered and critically endangered rays, respectively, 
highlights the value of the method for rare elasmobranch species. Moreover, the detection of 
oceanic and highly migratory species, such as devil rays, emphasises that species that are 
otherwise difficult and rare to encounter can be surveyed expeditiously with eDNA in open 
water environments. 
 Although still in its infancy, successful applications of eDNA barcoding for the 
detection of rare and endangered elasmobranchs in both marine and freshwater environments 
highlight the potential of this technique in informing conservation and management efforts. 
See Table 1.1 for a summary of shark related eDNA studies. 
  




Table 1.1 Summary of eDNA studies to date focusing on sharks and their relatives. Details 
provided include climate zone and habitat, geographical location of study, genetic assay used, 
species of interest, collection and extraction methods, target gene and detection success. 
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 Species composition with eDNA metabarcoding 1.5.2
Environmental DNA metabarcoding has the potential to simultaneously identify several taxa 
from environmental samples (Taberlet et al. 2012). Shark species inventories and assessment 
of geographical distributions based on eDNA metabarcoding could be an important tool for 
rapid environmental monitoring and hence influence conservation management and policy 
decisions. However, while three species of elasmobranch have previously been detected in a 
large-scale marine eDNA study, using a primer set designed for teleosts (bony fish) 
(Thomsen et al. 2016), other studies have encountered challenges concerning shark-specific 
detection, when applying this multi-specific approach in an aquarium-based setting (Kelly, J. 
A. Port, et al. 2014; Miya et al. 2015).  
 The main caveat in using eDNA metabarcoding for the assessment of shark diversity 
is that sharks are naturally rare compared to most other taxa. Figure 1.1 shows the difference 
in read abundances between elasmobranchs and teleosts recovered from two marine samples 
(from an area with relatively high shark abundances) and a sample taken from an aquarium 
tank, indicating the naturally low abundance of elasmobranch eDNA compared to teleost 
eDNA. Consequently, when individuals are present in the sampling area, eDNA released by 
sharks will generally only constitute a very small portion of all the eDNA present in a water 
sample. This highlights the importance of designing and optimising protocols specifically 
geared towards the detection of sharks. This includes sampling relatively large volumes of 
water (generally >3 litres) (Figure 1.2 A) per sample and using primers that specifically target 
sharks while excluding other, non-target, taxa.  
 More recently, we have employed eDNA metabarcoding of natural seawater samples 
to specifically infer shark presence, diversity and relative abundance in both Atlantic and 
Pacific tropical ecosystems (Bakker et al. 2017). By using a primer set targeting a 127 bp 
stretch of the mitochondrial COI region (Fields et al. 2015), twenty-one different shark 
species were detected, whose geographical patterns of diversity and abundance coincided 
with geographical differences in levels of anthropogenic pressure and conservation effort, in 
two independent tropical marine systems. Even though issues relating to the taxonomic 
assignment of closely related species still need to be resolved, this study demonstrates the 



















 Population genetics – From species detection to population analysis 1.5.3
An additional potential for the use of eDNA, if it stores sufficient population-specific 
information within the molecular markers used (e.g., mitochondrial haplotypes), lies in the 
area of population genetics, with applications for conservation genetics and phylogeography 
(Bohmann et al. 2014). To date, only one study applying eDNA to infer population 
characteristics for shark species, has been published (Sigsgaard et al. 2016). Here, samples 
were collected from areas in the Arabian Gulf, where whale sharks (Rhincodon typus) are 
known to occur. Mitochondrial DNA control region sequences obtained from eDNA samples 
were compared to sequences from tissue samples collected from the same locality. DNA 
mutation rate was calculated and female effective population size (Nf) inferred. Subsequently, 
it proved possible to infer the likely Nf for the entire Indo-Pacific Ocean, with comparable 
estimates obtained from eDNA and tissue extraction sequences. Moreover, by using eDNA 
analysis, this study revealed that the whale shark populations in the Indo-Pacific are 
genetically distinct from those populations occurring in the Atlantic Ocean. Thus, for the first 
time demonstrating that eDNA methods are capable of using the genetic variation in the 
DNA fragments isolated from water samples to estimate population sizes, as well as 
identifying relatedness between different populations of the same species. 
Figure 1.1 The differences in read abundances (on a logarithmic scale) between 
shark eDNA recovered from natural marine samples and an aquarium sample. 
Fish specific primers, targeting the control region (CR), were used for eDNA 
amplification. 
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1.6 eDNA Methods 
Effective and accurate detection of organisms in aquatic ecosystems using eDNA is 
dependent on the development of an appropriate sampling design. There is no single eDNA 
sampling method that fits all target species and environments (Barnes & Turner 2016; de 
Souza et al. 2016), and conducting a pilot study is important before initiating a full study 
(Furlan et al. 2016; Goldberg et al. 2016; Kelly 2016). The method of water sample 
collection is the same for both species-specific and population-level investigations, but there 
are differences in field sampling design and downstream genetic processing and analyses. 
Overall, it is important to understand the characteristics of eDNA in the context of local 
environmental conditions, including the influence of biotic and abiotic factors on DNA 
degradation and dispersal; and factors related to the target species/community, including life 
history, demographic patterns and ecology. These factors can result in variation in detection 
sensitivity. Currently, the recommended protocol for each new application should assess 
detection probabilities for the target species given the proposed field and laboratory protocols 
(Goldberg et al. 2016). Preliminary laboratory and aquarium eDNA assays can be applied to 
test and confirm the sensitivity and specificity of the methodology and, where possible, 
controlled tank-based experiments conducted to further understand eDNA shedding, 
degradation, and distribution rates (Turner, Barnes, et al. 2014; Weltz et al. 2017).  
 Environmental DNA detection methods are perceived to be highly sensitive, but, 
logically, they are largely contingent on the probability of detecting eDNA where and when it 
is present in the environment (Ficetola et al., 2008; Dejean et al., 2012; Goldberg et al., 
2013). For sampling approaches that target a single species, estimating the sensitivity (or 
target species’ detection probability) of the assay is crucial for accurately and confidently 
interpreting results, as it delineates the chances of detection failure (Amberg et al. 2015; 
Furlan et al. 2016). Detection failure; false positives (incorrect positive detection when the 
target species is absent) and false negatives (failing to detect the target species when it is 
present), potentially confound conclusions about species presence/absence and can misinform 
management. Therefore, the risk of such should be minimised through stringent execution of 
field and laboratory procedures. 
 The field sampling strategy for species-specific eDNA detection should consider the 
life history, behaviour and environment of the target species. Sharks and their relatives have 
diverse life history traits and occur in a vast array of marine, estuarine, and some freshwater 
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systems. Differences in habitat use will influence eDNA concentration and dispersion, and 
impact the likelihood of recovering target DNA from sample locations. Understanding the 
fine-scale patterns of occurrence and behaviour, such as movements and habitat use driven by 
ontogeny, predator avoidance, environmental tolerances, seasonal change, or fidelity, may 
allow enhanced detection ability. However, for many species this depth of information is 
lacking, and therefore data from similar species may render a useful tool to frame the 
development of an appropriate field sampling strategy. Moreover, where baseline information 
on patterns of occurrence and distribution does not exist, eDNA methods may be utilised as 
an exploratory tool to reveal this information. 
 When initially assessing field sampling strategy effectiveness or when targeting 
presence/absence information data at one point in time, sampling should occur during times 
and in locations a species is expected to be present (de Souza et al. 2016). For example, by 
utilizing existing knowledge on occurrence patterns oceanic, often solitary, deep-swimming 
elasmobranchs, such as devil rays, can be positively identified in oceanic basins, despite the 
dynamic and turbulent nature of ocean currents and wave action (Gargan et al. 2017). 
Contrarily, studies of resident species should have to account for variations in activity and 
behaviour in response to seasonally-variable factors such as temperature or precipitation, 
which, in turn, may influence eDNA abundance and persistence, and thus the probability of 
detection. Seasonal variations for example, may influence timing of reproduction of certain 
elasmobranch species, which is likely to increase the detectability of eDNA due to the release 
of reproductive material such as sperm, but also neonates (de Souza et al. 2016; Laramie et 
al. 2015; Spear et al. 2015). One might reasonably expect that discrete habitats used as 
pupping or nursery grounds by coastal elasmobranchs would contain higher proportions of 
eDNA as a result of reproductive behaviours. Likewise, increased activity during tidal- or 
diurnal-driven movements or feeding behaviour may also increase eDNA shedding rate. 
Species-level differences in habitat use and behaviour may dictate spatial and temporal 
considerations for eDNA detection. 
 
 Water collection, filtration, preservation & extraction 1.6.1
Capturing eDNA from an aquatic environment is the crucial first step in the eDNA workflow. 
Environmental DNA starts to decay immediately after shedding and continues to do so after 
sample collection (Turner, Barnes, et al. 2014; Dejean et al. 2012; Pilliod et al. 2014; 
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Sassoubre et al. 2016; Yamanaka et al. 2016). A recent study on eDNA recovery rates 
following various combinations of eDNA capture, preservation and extraction methods has 
indicated that DNA yield (copy number) from stream water samples, prior to filtration, 
significantly decreases when stored at either room temperature (20˚C), refrigerated (4˚C) or 
frozen (-20˚C) from day 1to day 2, regardless of storage temperature (Hinlo et al. 2017). 
Moreover, in a different study, using decay modelling of Maugean skate (Zearaja maugeana) 
eDNA, Weltz et al. (2017) showed that the eDNA concentration in some water samples had 
fallen below the detection limit of the assay within 4 hours of sampling. Therefore, samples 
should be filtered and extracted, and the eDNA extracts preserved using prescribed protocols, 
as soon as possible after water collection. Precipitation and filtration are the most commonly 
used methods to recover eDNA from water samples. Other methods include preservation of 
small volumes of water followed by concentrating the DNA by centrifugation (Klymus et al. 
2015).  
 Generally, precipitation involves the collection of small volumes of water (e.g. 15 
mL) (Ficetola et al., 2008; Eichmiller, Miller and Sorensen, 2016) that are immediately 
preserved in-field with the addition of sodium acetate and absolute ethanol (salt and ethanol 
precipitate nucleic acids from water (Maniatis et al., 1982), prior to storage at -20C. The 
precipitation method requires few collection tools (i.e. precipitation solution and collection 
vials), thus the relative ease of this method is a major benefit for users. Where the processing 
of larger volumes of water is required, it is advisable to increase the number of biological 
replicates or, alternatively, use the filtration method. Filtration is more advantageous when 
dealing with larger bodies of water such as rivers, estuaries or marine environments (Hinlo et 
al. 2017; Turner, Miller, et al. 2014). 
 Filtration requires the passage of water through a membrane that captures the eDNA, 
and generally allows the processing of larger volumes of water (typically 1-10 l). Filtration 
can be carried out on-site with a portable filtration system (Figure 1.2 A), or water samples 
can be stored on ice and transported to a laboratory (or equivalent processing facility) for 
filtration. If not performed in the field, filtration should be undertaken as soon as possible 
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Figure 1.2 Field equipment used in eDNA studies: (A) Portable eDNA filtration pump (Robson pump) that can be used to 
quickly filter samples on-site.  Photograph credit: Madie Cooper; (B) Extendable pole used in difficult to reach areas or to 
decrease the risk to the sampler of dangerous wildlife (e.g. crocodilians); (C) Collection of ocean water with a Kemmerer type 
water sampler. Photograph credit: Diego Camejo 
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Depending on field conditions, cold storage of filters wrapped in aluminium foil or 
contained in sterile microcentrifuge tubes may not be practical. However, this is commonly 
employed in laboratory-based settings or where field locations are close to the laboratory. 
When field conditions preclude the use of refrigeration, ethanol is the most commonly used 
alternative for filter preservation and storage. Other ambient temperature buffers, such as 
Longmire’s solution and cetyl trimethyl ammonium bromide (CTAB), have been successfully 
used to preserve eDNA contained on filters (Spens et al. 2017; Williams et al. 2016; Renshaw 
et al. 2015), but require preparation using several ingredients, and the latter is a toxic 
substance. Longmire’s buffer can also be used to preserve small volumes of unfiltered water 
at ambient temperature for up to 56 days prior to DNA extraction (Williams et al. 2016). An 
alternative method for eDNA preservation is adding silica beads to the vessel containing the 
filter, the beads function as a desiccator, drying out the filter and preventing the DNA from 
degrading (Bakker et al. 2017). Long-term eDNA recovery rates from ethanol and other 
preservatives is currently unclear and further research is needed, however we have 
successfully recovered eDNA from filters, desiccated with silica beads, after >1 year of 
storage at -20 °C. 
 The type of filter membrane used for the separation of eDNA from the environmental 
samples also varies. Glass fibre, nylon, cellulose nitrate, polycarbonate, polyethersulfone, and 
cellulose acetate filters have previously been used (Deiner et al. 2015; Goldberg et al. 2016; 
Renshaw et al. 2015). The inherent properties of the filter material [i.e. depth filters: particles 
retained on the surface and within the filter matrix, versus surface filters: particles trapped on 
filter’s surface (Hinlo et al. 2017), affect the binding affinity of eDNA and, as such, eDNA 
recovery rates differ, depending on the type of filter used (Liang & Keeley 2013). 
  Filter pore size is an additional factor to consider when choosing filters for filtration-
based eDNA recovery. Intuitively, larger sample volumes will increase eDNA capture 
success. However, there is a trade-off between sample size, pore size, and eDNA particle 
retention; a smaller pore size captures more eDNA particles but limits sample volume and 
speed. Conversely, a larger filter pore size allows for a faster flow rate and larger sample 
volume at a faster filtering rate, but in turn may reduce the amount of eDNA particles 
captured on the filter. Hence, there are two important considerations to take into account 
when choosing the correct filter pore size: size distribution of eDNA particles, and water 
turbidity at the sampling location. Knowledge of the size distribution of various intra- or 
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extracellular eDNA particles will assist in informing on the trade-off between filter pore size 
and sample size. Turner et al (2014a) observed size fractions of common carp (Cyprinus 
carpio) eDNA and concluded that the largest amount of total eDNA recovered was within the 
1-10 µm size fraction. Comparable studies for sharks and their relatives do not currently 
exist, and it is unclear whether the aforementioned findings are representative of general size 
distributions for all eDNA or are taxa- or environment-specific. With this in mind, small pore 
sizes should be used where possible to ensure highest possible eDNA capture rate. For 
example, filter pore sizes ranging from 0.45 to 3 µm are most commonly used in studies 
undertaken in less turbid water (Gargan et al. 2017; O’Donnell et al. 2017; Sigsgaard et al. 
2016; Weltz et al. 2017). For more turbid water, however, even 3 to 5 µm filters quickly 
become clogged with suspended particulate matter, necessitating the use of larger pore sizes 
of up to 20 µm to minimise clogging and maintain an efficient filtration rate (Robson et al. 
2016; Simpfendorfer et al. 2016). If filter clogging is a frequent occurrence, multiple filters 
may be used and eDNA extracts pooled for sample replicates. 
 Multiple Different eDNA extraction methods can be applied to isolate eDNA captured 
by filtration or precipitation, but also to remove compounds that can inhibit downstream 
enzymatic reactions such as PCR (Eichmiller et al. 2016). Inhibitors may range from cellular 
components to materials in the water, such as humic substances (Wilson 1997), that are 
captured together with the eDNA. Both capture methods may be followed by either Phenol-
Chloroform-Isoamyl alcohol (PCI) DNA extraction or extraction using a commercial DNA 
extraction kit (Deiner et al. 2015). The DNA extraction kits such as the commonly used 
Qiagen DNeasy Blood & Tissue Kit and Qiagen’s DNeasy Power Water (and Power 
Soil/Power Max) DNA isolation Kits, are convenient and simple to use but are more 
expensive compared to PCI extraction. While PCI extraction in turn requires careful 
preparation and handling of toxic chemicals. Several studies have found that PCI extraction 
yields more eDNA compared to commercial DNA extraction kits (Deiner et al. 2015; 
Renshaw et al. 2015; Turner et al. 2015). While another study observed more PCR inhibition 
in DNeasy extracted samples compared to Power Water extracted samples (Eichmiller et al. 
2016), which is likely a result of different additives to alleviate the effects of PCR inhibitors. 
Hence, high eDNA yield does not necessarily accompany increased species detection but is 
rather dependent on a multitude of factors. Likewise, Deiner et al. (2015) have demonstrated 
that different combinations of eDNA capture and extraction protocols result in different 
detection rates of biodiversity. 
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 Environmental characteristics (e.g. water chemistry and temperature), target species, 
capture method, filter material and pore size, storage, and DNA extraction method interact to 
produce final detection rates (Deiner et al. 2015; Eichmiller et al. 2016; Goldberg et al. 2016; 
Renshaw et al. 2015), and there is no one extraction method that is equally beneficial to all 
taxa and/or ecosystems for the maximisation of eDNA recovery and target species detection. 
Thus, it is recommended that different combinations of storage, preservation, filter type and 
extraction methods are tested and optimised, depending on the research objectives, 
preference, ease of use, and availability of resources. Finally, detailed information about the 
field, laboratory and bioinformatic procedures used in eDNA studies should be reported to 




 Selecting gene regions for target organisms or groups 1.6.2
Methodologically, eDNA detection requires the development of genetic markers specific to 
the target taxon or taxa. Targeted eDNA fragments may be detected using different molecular 
methods including Sanger sequencing, qPCR and (meta)barcoding. When aiming to detect a 
single species, primers should be specific to the target species, while incorporating as many 
differences as possible to other sequences of related organisms (Ficetola et al., 2008). 
Insufficient primer specificity can lead to over or under estimation of species presence and, 
especially when taxa closely related to the target species are present, cross-amplification or 
interference of amplification can lead to the generation of false positive and negative errors 
(Wilcox et al. 2013). 
 Target loci are typically within the mitochondrial genome because of its greater 
biological abundance and higher level of coverage in genetic databases. However, selecting 
the correct gene region for a targeted eDNA barcoding approach will ultimately depend on 
how much intra- and interspecies variability is found for the species of interest at a particular 
gene. Environmental DNA barcoding studies to date have designed species-specific assays 
within a wide range of genes including cytochrome B (Spear et al. 2015; Wilcox et al. 2013; 
Hunter et al. 2015), cytochrome oxidase I (COI) (Gargan et al. 2017; Nathan et al. 2014; 
Simpfendorfer et al. 2016; Brandl et al. 2015), nicotine adenine dinucleotide dehydrogenase 
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subunit 4 (NADH4) (Hunter et al. 2015; Weltz et al. 2017), 16S (Robson et al. 2016), and 
12S (Furlan and Gleeson 2016a; Secondi et al., 2016).  
 In studies where a large number of species co-occur, some of which may be closely 
related, finding a suitable gene to design a species-specific or even genus-specific primer 
assay may be challenging. This may also be true for sharks and their relatives. Sharks, and 
most likely also rays, appear to have slow mutation rates in mtDNA compared to other 
vertebrates (i.e. mammals and teleost fish) that lead to lower genetic variation (Martin 1995; 
Martin 1999; Martin et al. 1992). For example, mitogenomic sequencing in the critically 
endangered speartooth shark (Glyphis glyphis) has revealed one of the lowest known levels of 
genetic diversity (Feutry et al. 2014). Increasingly, primer assays are being designed using 
whole mitogenome sequencing to find suitable gene regions (Hunter et al. 2015), as this 
increases the chances of finding suitably variable gene regions, potentially in less commonly 
used alternative regions that exhibit useful polymorphisms.  
 In contrast, when choosing a suitable genetic marker for metabarcoding, a genomic 
region with sufficient sequence variability must be targeted in order to be able to distinguish 
closely-related species. It must be flanked by conserved regions, which act as primer 
attachment sites. Moreover, a region with many copies per cell is preferable, as this natural 
abundance of DNA sequences will facilitate amplification. Hence, organelle genomes, such 
as mitochondrial or chloroplast DNA, or ribosomal RNA clusters, are usually preferred 
targets (Wangensteen et al. 2017; Wilcox et al. 2013). For eDNA applications, the target 
fragment length must be relatively short, as eDNA released in the environment rapidly 
degrades into small fragments, thus the chances of amplifying the full length of the marker 
from eDNA is inversely proportional to the length of the chosen marker (Wangensteen et al. 
2017). For eDNA metabarcoding, additional considerations apply, as the most popular 
method for eDNA high-throughput sequencing, the Illumina platform, currently has a 
maximum effective read length of around 500 bp; however, in order to keep sequencing error 
rates low, smaller fragments are preferred. Therefore, the ideal length for an eDNA 
metabarcoding marker should not exceed 350 bp. 
 The universality or specificity of the primer set is dependent on the breadth of the 
taxonomic scale of interest. For example, primer sets for the elucidation of elasmobranch 
(Bakker et al. 2017), teleost (Miya et al. 2015) or arthropod (Zeale et al. 2011) diversity, can 
be used. Conversely, targeting whole eukaryotic community diversity will require a primer 
set that is as universal as possible in order to be able to attach to the marker flanking 
sequences in most taxonomic groups, so that all these groups will be adequately amplified by 
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PCR. As of yet, there is no ideal universal metabarcode that is able to amplify the full 
taxonomic range of a community, for highly variable markers such as COI (Coissac et al. 
2012; Deagle et al. 2014; Riaz et al. 2011). Thus, truly universal primers have usually been 
restricted to markers with more conserved regions such as 18S (Guardiola et al. 2015). 
However, the development of primers including deoxyinosine (a nucleotide which 
complements any of the four natural bases) in the fully degenerated sites of the sequence may 
improve the universality of COI primer sets (Wangensteen, Palacín, Guardiola 2017) 
 The use of COI as a metabarcoding marker has previously been criticised, arguing 
that high rates of sequence variability impair the design of truly universal primers and 
hampers bioinformatics analysis. Instead, mitochondrial rRNA genes have been 
recommended for animal identification because they have a similar taxonomic resolution as 
the COI marker and they present conserved regions that flank variable regions, which allows 
the design of primers with high resolution power for the target taxonomic group (Deagle et 
al. 2014). However, it may be argued that COI presents two major advantages over other 
potential markers. First, the steadily growing international effort, headed by the Consortium 
for the Barcode of Life (CBOL), to develop a public DNA barcoding database with curated 
taxonomy, greatly facilitates taxonomic assignment. The BOLD database 
(http://www.boldsystems.org/) (Hebert, Ratnasingham, et al. 2003; Ratnasingham & Hebert 
2007) currently includes >4 million sequences belonging to over 500,000 species, curated 
and identified by expert taxonomists. Secondly, the high mutation rate of COI ensures 
unequivocal identification at the species level, which is crucial for studies aimed at detecting 
rare or invasive species, such as may be the case for sharks. Whereas the highly conserved 
sequences of other markers, such as 18S, make it often impossible to distinguish at the 
species or genus levels.   
 
 
1.7 The challenges of eDNA studies 
 Contamination    1.7.1
One of the main challenges associated with the use of eDNA, is dealing with false positive 
and false negative detections (Darling & Mahon 2011). Due to the high sensitivity of eDNA 
methods, the most serious stumbling block is the risk of contamination (Goldberg et al. 2016; 
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Thomsen & Willerslev 2015), and hence the possibility of introducing false positive results. 
Contamination of samples may occur anywhere from preparing sampling equipment and 
collecting the samples in the field (target DNA being carried unintentionally from one 
locality to another), to every subsequent step of sample preparation, DNA extraction and 
analysis in the laboratory. Due to the frequent use of PCR, generating billions of DNA 
copies, contamination occurring in the laboratory can potentially have serious implications 
for the resulting data set, with important downstream repercussions on conservation and 
management decisions resulting from these results. Thus, precautions must be taken at all 
stages by putting strict procedures in place both in the field (establishing clean and consistent 
field collection protocols), and in the laboratory (implementing strict, clean lab protocols) in 
order to prevent the occurrence of contamination. This includes the use of disposable gloves 
and the disinfection/bleaching of sampling devices and all laboratory equipment. 
Additionally, filtration, DNA extraction and PCR procedures, as well as pre- and post-PCR 
procedures, have to be separated physically to limit the risk of contamination (Goldberg et al. 
2016; Wilson et al. 2015). Moreover, to monitor potential contamination (i.e. to identify the 
source of contamination when it occurs), the inclusion of field blanks (clean water sampled 
using the same protocol and equipment, preserved and processed in exactly the same way as 
the actual field samples), DNA extraction blanks and PCR blanks, is essential (De Barba et 
al. 2014). 
 
 eDNA shedding rates 1.7.2
The availability of detectable eDNA in environmental samples is reliant on the underlying 
premise that all organisms shed genetic material. Earlier studies on terrestrial vertebrate 
eDNA detection in aquatic environments imply the most probable origin of eDNA as faecal 
material (Martellini et al. 2005).  While this may be remain true for a wide range of taxa, the 
origin of eDNA from aquatic organisms is also linked to species-specific physiological 
characteristics such as skin properties (e.g. slimy coatings on amphibians (Ficetola et al., 
2008) and fish (Jerde et al. 2011), metabolic rates (Klymus et al. 2017), reproductive mode 
and timing (Spear et al. 2015; Bylemans et al. 2017), feeding rates (Sassoubre et al. 2016), 
and environmental tolerance (Lacoursiere-Roussel et al. 2016; Robson et al. 2016). The 
composition of eDNA containing genetic material from these origins remains relatively 
unclear and particularly hard to study, however, many complex factors influence eDNA 
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shedding rate and, as such, interpretation of eDNA detection results benefits from a complete 
understanding of the ecology of eDNA. 
Overall, in marine and freshwater organisms, it is largely understood that eDNA shedding 
rates are foremost positively related to individual and/or population biomass (Pilliod et al. 
2014; Stoeckle et al. 2017; Thomsen et al. 2016; Weltz et al. 2017). It is this correlation that 
underpins the use of eDNA concentration in water as a proxy measure of biomass of the focal 
organism/s, which has been applied to both species-specific (Sigsgaard et al. 2016; Doyle et 
al. 2017) and population-level questions (Kelly 2016; Leray & Knowlton 2015; Miya et al. 
2015; Yamamoto et al. 2017). In tank-based experiments, eDNA release rates demonstrated 
linear positive relationships with biomass (Klymus et al. 2015; Sassoubre et al. 2016). 
However, it is likely that this relationship is more complex, as highly variable eDNA 
production rates among individuals, unrelated to biomass, have been observed, suggesting 
that this variation may be attributable to animal physiology (Buxton et al. 2017; Maruyama et 
al. 2014; Pilliod et al. 2014; Wilcox et al. 2016). For juvenile fishes, it was concluded that 
ontogenetic factors, such as differences in behaviour and metabolism, increased eDNA 
shedding rates per body weight compared to adult conspecifics (Klymus et al. 2015; 
Maruyama et al. 2014). Moreover, it has been suggested that stress and feeding behaviour can 
influence eDNA shedding rates (Sassoubre et al. 2016), while these behaviours are 
intertwined with the physiological tolerances of aquatic organisms (Lacoursiere-Roussel et al. 
2016). Additionally, the eDNA contribution from different life stages may vary seasonally. 
For example, strong temporal increases in eDNA concentration have been observed during 
months associated with seasonal migration and breeding (Buxton et al. 2017; Doi, Uchii, et 
al. 2015; Spear et al. 2015; Fukumoto et al. 2015). 
Seasonal migrations and patterns of occurrence associated with specific behaviours 
are dictated by metabolic function, which, in most sharks, is determined by water 
temperature. As water temperature increases, mobility and metabolic rate increases until the 
upper limit of physiological tolerance is reached. Some sharks also perform diel vertical 
migrations to conserve energy in deeper, cooler waters and search for prey when near the 
surface in warmer water (Sims et al. 2006). Increased water temperature and digestive 
function, coupled with movements associated with prey-seeking and feeding behaviour, leads 
to the increased excretion of metabolic waste and the release of epidermal cells containing 
genetic material. While some studies have shown no effect of temperature on accumulation 
or shedding of eDNA in fishes (Klymus et al. 2015; Takahara et al. 2012), a recent study on 
the tropical invasive fish species tilapia (Oreochromis mossambicus) showed increased 
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shedding rates of eDNA at 35°C, a temperature well within their known thermal tolerance 
(Robson et al. 2016). Moreover, estimates of fish biomass in aquarium samples were better 
reflected in warmer water as supported by higher eDNA concentration and shedding rates 
from fish in warm water compared to colder water (Lacoursiere-Roussel et al. 2016). 
Other physiological attributes such as skin properties provide clues to possible origins 
of eDNA-bearing particles. High eDNA detection success rates have been observed for fish 
that produce slimy coatings (Jerde et al. 2011). Comparably, sharks and their relatives also 
produce epidermal mucus (Meyer & Seegers 2012; Tsutsui et al. 2009). While the mucus 
layer on the skin surface of demersal sharks and rays (e.g. angel sharks, Squataina spp.) is 
comparatively thicker than on pelagic, fast moving, predatory sharks, this does suggest that 
mucus-derived genetic material may contribute to a portion of all elasmobranch eDNA. 
 
 eDNA degradation 1.7.3
Environmental DNA possesses limited chemical stability (Lindahl 1993); once shed from an 
organism it begins to degrade into small fragments and becomes undetectable within hours to 
weeks (Dejean et al. 2011; Piaggio et al. 2014; Pilliod et al. 2014). Degradation is the 
primary mechanism limiting detection of species through eDNA. However, due to the short 
lifespan of eDNA it is thought to provide approximate real-time data on species presence in 
the environment. The persistence of eDNA for aquatic taxa has been estimated at 15 to 30 
days for freshwater fishes (Dejean et al. 2011; Takahara et al. 2012) and hours to 7 days for 
marine fishes (Thomsen, Kielgast, Lars Lønsmann Iversen, et al. 2012), after which time 
eDNA concentrations drop below the detection limit. In specific reference to sharks and their 
relatives, it is accepted that eDNA exponentially decays in aquatic environments and 
becomes undetectable within hours to 5 days (Sigsgaard et al. 2016; Weltz et al. 2017). For 
example, in controlled degradation experiments, concentration of whale shark (Rhincodon 
typus) eDNA dropped an order of magnitude within the first 48 hours, and was no longer 
detectable 8 days post-sampling (Thomsen et al. 2016), and Maugean skate (Zearaja 
maugeana) eDNA remained detectable for up to 5 days (Weltz et al. 2017).  
 Environmental conditions play an integral role in eDNA persistence and degradation 
(Barnes et al. 2014a). Understanding the interactions of environmental factors controlling 
degradation is essential to inferring the limits of temporal and spatial inference of eDNA 
detection results. Drivers of eDNA degradation are classified into three categories: (1) DNA 
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characteristics, including length, conformation, and association with membranous material 
(Taberlet et al. 2012; Willerslev et al. 2009), (2) abiotic environment, including temperature, 
pH, UV radiation, oxygen, and salinity (Barnes et al. 2014a; Pilliod et al. 2014; Strickler et 
al. 2015; Weltz et al. 2017), and (3) biotic environment, including exogenous enzymes and 
microbial activity (Dejean et al. 2011).  
 Fragments of DNA in the environment occur in different lengths, sequences, and 
conformations, which influence how eDNA binds to other particles and interacts with 
microbes in the environment (Lennon 2007; Ogram et al. 1988), which increases and 
decreases the rate of degradation, respectively. Binding to sediment particles can play a role 
in both eDNA concentration and preservation in surficial sediments (Turner et al. 2015), as 
does containment within cellular or organelle membranes, by providing protection from 
external degradative forces. Marine sediment eDNA concentrations have been shown to be 
three orders of magnitude higher than that of eDNA in seawater (Torti et al. 2015). 
Moreover, DNA has a stronger affinity for clay particles compared to sand or silt 
(Romanowski et al. 1992), and while sediments are not typically sampled in a 
presence/absence or contemporary occurrence survey because of the longevity of eDNA, 
consideration should be given to the potential resuspension of sediments in the water column 
and the subsequent increased probability of detecting this preserved eDNA.  
 Marine and freshwater tropical environments have high surface temperatures 
(sometimes above 30°C) and elevated UV radiation at sea level that may increase eDNA 
degradation rate and reduce its persistence in the water, decreasing the detection probability 
(Barnes et al. 2014a). Higher temperatures can denature DNA molecules, albeit when 
temperatures are >50°C, and indirectly increase microbial metabolism and exogenous 
nuclease activity (Fu et al. 2012; Kreader 1998). For example, Robson et al., 2016 showed 
that high water temperatures of up to 35°C did not affect eDNA degradation rates of the 
invasive Mozambique tilapia (Oreochromis mossambicus). Ultraviolet radiation (UV), 
particularly UV-B, can directly damage DNA (but see (Andruszkiewicz et al. 2017) and has 
variable effects on exogenous nuclease production indirectly inhibiting eDNA persistence. 
 Acidic, hypersaline, or anoxic environments can influence eDNA stability and 
increase degradation rate. Deviation from neutral pH may reduce degradation rates, 
especially pertaining to the pH requirements of extracellular microbial enzymes that are 
considered to have a large impact on eDNA degradation (Sigsgaard et al. 2015). High salinity 
of samples may have negative downstream effects, such as inhibition of PCR, but this can be 
mediated by adding an ethanol wash step to the extraction process in order to remove 
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monovalent Na+ ions (Foote et al. 2012). The interaction of all biotic and abiotic factors 
combined is likely to have variable and synergistic effects on the mechanism of eDNA 
degradation in aquatic systems.  
 
 eDNA capture rate 1.7.4
Understanding the physical movement of eDNA in the environment is essential for correctly 
inferring presence of organisms in space and time and, hence, drawing robust conclusions 
within spatial and temporal boundaries (Barnes & Turner 2016). Environmental DNA 
represents a complex mixture of particles ranging in size and composition, which behave 
independently and move freely in aquatic environments. These particles are randomly and 
heterogeneously distributed in the water column as a result of spatial clumping (Furlan et al. 
2016). The greater the degree of clumping and uneven dispersal of target DNA, the greater 
the likeliness of false negatives. Consequently, detection sensitivity for a given sampling 
protocol may vary temporally and spatially, between samples and from site to site, depending 
on the concentration and dispersion of target eDNA (Furlan et al. 2016; Weltz et al. 2017).  
Differences in eDNA detection sensitivity across space and time may also be the result of the 
differences in activity levels or other site-level factors that influence eDNA concentration, 
including the density or biomass of the target species. The use of hierarchical occupancy and 
detection sensitivity models, that take into account the specific survey methods used, both in 
the field and laboratory, may be applied to optimise capture and detection probabilities 
(Furlan et al. 2016; Schmidt et al. 2013). 
 
 eDNA transport: lentic versus lotic systems 1.7.5
Although the high sensitivity of eDNA assays in mesocosms and lentic systems (still waters) 
is well established (Thomsen, Kielgast, Lars L. Iversen, et al. 2012), studies in lotic systems 
(flowing waters) have more varied results, with potentially important management and 
conservation implications. This is typically illustrated by eDNA assays that show high 
detection rates (100%) when tested in ponds, but have much lower detection rates once used 
in the target species’ natural lotic environment (54%) (Thomsen, Kielgast, Iversen, et al., 
2012). 
  25 
Environmental DNA may occur at very low concentration in the aquatic environment 
and can be heterogeneously distributed. Thus, knowledge of how eDNA distribution is 
affected by water movement (e.g., currents, eddies, waves) and what additional interacting 
external drivers may affect its detectability; e.g., abiotic and biotic factors involved in eDNA 
persistence in the environment (Barnes et al. 2014a; Strickler et al. 2015; Jane et al. 2015) is 
crucial for successful detection. This is particularly the case for the detection of rare species, 
for which eDNA concentrations are likely to be at their lowest (Takahara et al. 2012), and the 
risk of false negative errors high.  
Long distance transport of eDNA from hundreds of meters to several kilometres has been 
reported in river systems, and should always be taken into account in eDNA studies in lotic 
systems (Deiner & Altermatt 2014; Jane et al. 2015). Although it might be expected that 
eDNA may travel much larger distances in highly dynamic systems such as open oceans or 
flowing rivers compared to more stagnant systems such as ponds and lakes (Deiner & 
Altermatt 2014; Shogren et al. 2016), recent work on a dynamic marine coastline found 
evidence that eDNA transport was limited to the extent that eDNA metabarcoding methods 
were able to detect differences among vertebrate communities separated by less than 100 m 
(Port et al. 2016). Additionally, Gargan et al., (2017) have detected the Chilean devil ray 
(Zearaja maugeana) using a targeted eDNA approach at 4 out of 5 remote seamounts that 
were sampled around the Azores, which was consistent with visual observation data. 
However, failure to detect target eDNA at a location where the species had been observed, 
highlights the influence of detection stochasticity and the need for further investigations into 
how eDNA transport and degradation affects species detection in open ocean environments. 
 
 Freshwater vs. seawater 1.7.6
For both freshwater and marine ecosystems, eDNA detection is correlated with the 
abundance of the target species and the rate at which DNA is released and degraded by biotic 
and abiotic factors (Thomsen, Kielgast, Lars Lønsmann Iversen, et al. 2012; Thomsen, 
Kielgast, Lars L. Iversen, et al. 2012). A considerable amount of aquatic eDNA research has 
been focused in freshwater systems (e.g. Ficetola et al., 2008; Dejean et al., 2011; Jerde et 
al., 2011; Takahara et al., 2012; Gustavson et al., 2015; Laramie, Pilliod and Goldberg, 
2015). Only more recently have eDNA studies been focused on species detection in seawater 
samples (e.g. Foote et al., 2012; Thomsen, Kielgast, Lars Lønsmann Iversen, et al., 2012; 
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Sigsgaard et al., 2016; Thomsen et al., 2016; Gargan et al., 2017; Weltz et al., 2017). 
Although a large proportion of these have been carried out in controlled environments, such 
as aquarium tanks (Foote et al. 2012; Kelly, J. A. Port, et al. 2014; Miya et al. 2015), more 
recently, successful eDNA studies involving natural marine environments have been 
reported. These studies have covered a variety of environments; coastal waters (Weltz et al. 
2017; Yamamoto et al. 2017), open-ocean seamounts (Gargan et al. 2017), offshore oil fields 
(Sigsgaard et al. 2016), and continental slope depths (Thomsen et al. 2016).  
 The current lag in eDNA studies in marine ecosystems may stem from the perception 
that species detection from seawater samples may be more challenging compared to those 
from freshwater, inherent to the larger body of source water and, tidal and current action 
potentially rapidly diluting and dispersing the eDNA likely up to 100s of kilometres away 
(Thomsen, Kielgast, Lars Lønsmann Iversen, et al. 2012). But see (O’Donnell et al. 2017; 
Port et al. 2016). Environmental DNA is not only subject to transport, but also to degradation 
from exposure to various biotic and abiotic stressors (i.e., temperature, salinity, pH, UV-B, 
enzymes) (Goldberg et al. 2016). However, how these combined factors affect the potential 
of eDNA techniques to detect marine organisms in coastal or open ocean environments has 
seldom been investigated, and most marine studies in this field have only focused on 
determining eDNA shedding and decay rates in a handful of species (Andruszkiewicz et al. 
2017; Sassoubre et al. 2016; Sigsgaard et al. 2016; Thomsen, Kielgast, Lars L. Iversen, et al. 
2012). DNA degradation in seawater has previously been suggested to be substantially faster 
than in freshwater, with an empirical turnover rate as low as 10 hours (Dell’Anno & 
Corinaldesi 2004). Although abiotic and biotic stressors in the marine environment are likely 
to differ from those impacting freshwater systems (Thomsen & Willerslev 2015), it is not 
clear which of these are mostly responsible for the increased rate of eDNA degradation. A 
recent study investigating the impact of sunlight (UVB and combined UVA+UVB radiation) 
on the decay of Pacific chub mackerel (Scomber japonicus) eDNA in a marine water 
mesocosm, concluded that sunlight was not an important factor in promoting eDNA 
degradation, and suggested that factors other than sunlight, such as bacteria, grazers and 
enzymes are likely to have a more substantial impact (Andruszkiewicz et al. 2017). 
Moreover, another experimental study has suggested that the time it takes for Maugean skate 
(Zearaja maugeana) eDNA to degrade beyond its detection limits, was influenced by the 
dissolved oxygen (DO) concentration in the eDNA sample (Weltz et al. 2017). 
Environmental DNA in freshwater systems has been shown to degrade beyond the 
threshold of detectability within a short time-frame (days to weeks) (Dejean et al. 2011; 
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Piaggio et al. 2014; Pilliod et al. 2014; Thomsen, Kielgast, Lars L. Iversen, et al. 2012), 
providing a “real-time” measure of species presence. Conversely, in the marine environment, 
eDNA may decay below the detection threshold in as little as 4 hours post-sampling (Weltz et 
al. 2017). Other studies have also indicated slightly slower rates of degradation, at a scale of 
days (Andruszkiewicz et al. 2017; Sigsgaard et al. 2016). As the rate of degradation of eDNA 
is inherently linked to both the starting concentration and the abiotic factors promoting 
degradation (e.g. UV, pH, etc.), it is possible that one of the challenges of eDNA studies in 
seawater is the inherently greater dilution of the eDNA signal.  
Field and laboratory practices for the application of eDNA analysis to seawater may 
be modified to counter some of the aforementioned challenges. Larger volumes of water and 
a larger number of field replicates within a study area may be collected to counter for the 
greater water volume:biomass ratio of marine systems. Since eDNA concentrations are 
expected to be lower in the open ocean than in river systems, this is particularly pertinent 
when dealing with species that are likely to occur in low numbers or that are sparsely 
distributed. Additionally, caution should be exercised when using eDNA concentrations for 
the estimation of abundance of fish species in marine systems until further work is carried 
out, elucidating the persistence of eDNA under the influence of biological, environmental 
and physical processes, and how processes such as eDNA shedding, degradation, and 
transport can be integrated into reliable estimates of abundance. 
 
 eDNA in tropical ecosystems 1.7.7
Since the introduction of eDNA into mainstream environmental research, the majority of 
eDNA studies have been applied to temperate systems (Thomsen & Willerslev 2015). 
Comparatively little research has been applied to tropical aquatic systems, and the 
applicability and reliability of eDNA methods for effective species and community detection, 
and conservation management in these kind of environments is less clear. 
The tropics present their own sets of challenges, with eDNA in marine and freshwater 
tropical environments exposed to more extreme conditions for longer and more frequent 
periods of time. Tropical aquatic systems have high surface water temperatures (sometimes 
>40°C), elevated UV radiation at sea level, and higher levels of microbial activity that may 
increase eDNA degradation rates and reduce their persistence in the water (Barnes et al. 
2014a). Furthermore, seasonal precipitations (wet season) may lead not only to increased 
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turbidity due to high sedimentation and algae loads, but also to increased dilution due to high 
water flow rates (Figure 1.3A&B). The interaction of these factors, specific to tropical 
systems, is likely to significantly influence the detection of eDNA. 
It has been suggested that elevated temperatures may accelerate the rate of eDNA 
degradation (Strickler et al. 2015). Indeed, Moyer et al., (2014) showed that for every 1.02 
°C increase in temperature, the per litre sample probability of eDNA detection decreased by 
1.67 times. However, water temperatures of up to 35 °C were found to have no detectable 
effect on invasive Mozambique tilapia (Oreochromis mossambicus) eDNA degradation rates 
(Robson et al. 2016). Conversely, relatively high, but well within the range of tropical river 
systems, temperatures (35 °C) have been found to significantly increase fish eDNA shedding 
rates (Robson et al. 2016), which is likely due to increased metabolism or thermal stress, thus 
potentially positively affecting the detection probability of eDNA. Similarly, another study 
has indicated that fish release more eDNA in warm water than in cold water, and that eDNA 
concentration better reflects fish abundance/biomass at high temperatures (Lacoursiere-
Roussel et al. 2016).  
Exposure to high levels of ultraviolet radiation, particularly ultraviolet B (UV-B) 
light, can photochemically damage DNA, and aquatic environments at higher elevations or 
closer to the equator are more likely to experience increased effects of UV-B radiation on 
eDNA degradation rate (Strickler et al. 2015). It is however, likely that it is the interaction of 
multiple factors (pH, solar radiation, and temperature) either directly or mediated through the 
biological community, that influences the process of eDNA degradation in aquatic systems 
(Strickler et al. 2015).  
High turbidity levels resulting from increased sedimentation and algal growth occur 
seasonally in tropical aquatic systems. These conditions present several challenges when 
collecting eDNA samples. Rapid clogging of filters (Figure 1.3A, B & C), requires the use of 
multiple filters per sample or filters with larger pore size, resulting either in increased 
filtration times or decreased capture rates of eDNA molecules. The presence of resuspended 
sediment in water samples may also affect the temporal scale of the data, as well as lead to 
downstream PCR inhibition of samples. Although eDNA in water reflects the present state of 
an ecosystem, eDNA can persist on the order of years in soils and sediments (Pedersen et al. 
2015), thus mixing of contemporary and historic eDNA deposits could lead to 
misinterpretations as to the actual presence of a rare or invasive species in habitats of 
pressing environmental concern. Moreover, higher flow rates following wet season 
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precipitation events may lead to false negative detection due to longer than usual downstream 
transport distance of eDNA.  
 
Several strategies may be adapted to tackle some of the challenges associated with eDNA 
studies in the tropics. These include: avoiding sampling during the wet season or right after 
heavy precipitation events; avoiding sampling during the hottest period of the day or during 
summer temperature highs; decreasing the risk of eDNA degradation by targeting 
areas/habitats that are less exposed (e.g., shaded, still) and filtering and preserving samples as 
soon as is practically possible. When sampling during heavy precipitation events cannot be 
avoided, increasing sample replication and sample volumes collected, as well as targeting 
samples from slow flowing or stagnant areas is recommended. To avoid rapid clogging up of 
the filtering apparatus and filters, filters with a larger pore size may have to be used. Filtering 
trials will have to be performed in order to identify the most optimal compromise between 
filtering constraints (e.g., filtering time and number of filters/sample) and eDNA capture 
probability for the species and environment of interest. For example, it was found that 
Mozambique tilapia (Oreochromis mossambicus) eDNA detectability decreased from 100% 
to 57% when using 3 μm and 20 μm filters, respectively (Robson et al. 2016). However, the 
significantly larger pore size decreased the filtering time from 44 min to 1.5 min per sample. 
In areas where dangerous wildlife co-occurs (e.g. crocodilians, Figure 1.3D), an extendable 
pole (Figure 1.2B) or a remotely operated sampling device (e.g., drone) may be used to 
collect samples safely. Lastly, PCR inhibition due to high levels of humic substances (e.g. 
humic and fulvic acid) in water samples is problematic. Strategies including use of PCR 

















 Reference databases 1.7.8
Regardless of whether a species-specific barcoding or a community based metabarcoding 
approach is chosen, the reference database is a crucial starting (and end) point. When 
designing a species-specific qPCR assay, the reference database provides sequence 
information for target and exclusion species to ensure the specificity of the assay to the target 
species. In contrast, in eDNA metabarcoding approaches, the reference database is also used 
for taxonomic identification. If a specific species is present in a sample, but its barcode 
sequence is missing from the database, it will not be possible to identify it down to species 
level (but rather to genus or family) in a metabarcoding analysis. 
It is essential to have a broad, accurate and curated sequence database. Genbank can 
be used as a starting point, but it may be necessary to collect samples from populations in the 
target region to build a bespoke reference database, appropriate for the sampling region. The 
Barcode of Life database may be of limited use, since it only contains COI sequences, which 
may not always be suitable for assay development. Certain gene regions may be too variable, 
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making it very difficult to design universal primers, or conversely, not variable enough, 
making it difficult to create species-specific qPCR assays or distinguish between different 
taxa in metabarcoding. 
1.8  Future advances in eDNA (meta)barcoding 
 Factors influencing quantitative estimates 1.8.1
Both field and mesocosm/tank studies have shown that an increase in abundance or density of 
target species can lead to an increase in either eDNA concentration (Buxton et al. 2017; 
Klymus et al. 2015; Takahara et al. 2012; Thomsen, Kielgast, Lars L. Iversen, et al. 2012; 
Pilliod et al. 2013) or detectability (Eichmiller et al. 2014; Lacoursiere-Roussel et al. 2016; 
Mahon et al. 2013). In freshwater systems, using PCR and qPCR platforms, the rate of eDNA 
production has been positively correlated with biomass for several species,  including 
common carp (Cyprinus carpio) in artificial ponds (Takahara et al. 2012), common spadefoot 
toads (Pelobatus fuscus) and great crested newts (Triturus cristatus) in natural ponds 
(Thomsen, Kielgast, Lars L. Iversen, et al. 2012), and tailed frog (Ascaphus montanus) 
tadpoles and both giant salamander (Dicamptodon aterrimus) larvae and paedomorphic 
adults (Goldberg et al. 2011; Pilliod et al. 2013). Because this relationship is not a clear-cut 
one, these studies suggest that eDNA can be used for relative rather than absolute 
quantification.  
The amount of eDNA in the environment depends on both DNA shedding and 
degradation rates (which are dependent on a range of biotic and abiotic factors) (Dejean et al. 
2011; Strickler et al. 2015), and heterogeneous dispersal of eDNA molecules via ecological 
processes (habitat specificity of target organisms) and/or presence of currents (Deiner & 
Altermatt 2014) or eddies (particularly in the marine environment). These factors are likely to 
vary seasonally in response to environmental changes and the life-history stage of the species 
in question (Barnes et al. 2014a; Buxton et al. 2017). For example, great crested newt 
(Triturus cristatus) eDNA concentration has been shown to increase within the breeding 
season due to reproductive behaviour and egg deposition, and subsequently with an increase 
of larval abundance (Buxton et al. 2017; Lacoursiere-Roussel et al. 2016). But it may also be 
associated with an increased eDNA production per biomass in juveniles, compared to adults, 
resulting from an increased metabolism during growth (Klymus et al. 2015). Likewise, it has 
been shown that seasonal variations in stream dwelling fish eDNA concentration were related 
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to total biomass (associated with breeding season and larval density), rather than abundance 
or behaviour (Doi et al. 2017). These factors may lead to either an over-or underestimate of 
organism density and as such, seasonal changes in eDNA concentrations may have 
implications for survey strategies, taking into account temporal and spatial patterns to target 
specific sampling windows, depending on the aim and species of the survey in question. 
Relating specifically to sharks, over the course of a year, there may for example be 
fluctuations in species densities and composition  due to seasonal migrations related to water 
temperature (Guttridge et al. 2017; Kajiura & Tellman 2016; Kessel et al. 2016). 
 
 Quantitative estimates using digital droplet PCR (ddPCR) 1.8.2
Digital droplet PCR (ddPCR), also known as a “third-generation” PCR, provides a new 
method of sample analysis allowing for an accurate estimation of low concentrations of 
DNA. It has been suggested that ddPCR may be better suited for the detection of rare 
molecules in environmental samples compared to qPCR, and as such, it provides more 
accurate estimates of the abundance/biomass of a target species (Doi, Uchii, et al. 2015). Like 
standard PCR, ddPCR is a direct method that does not use calibration curves (derived from 
target DNA ‘standards’) to estimate target DNA concentration (Vogelstein & Kinzler 1999), 
thus decreasing the potential for user error (e.g. pipetting error when preparing standards or 
the introduction of contamination). Instead of a single measurement, the target DNA in 
ddPCR is randomly allocated into approximately 20,000 discrete droplets via microfluidics - 
some of which ideally contain only one or a few copies of the target DNA. The PCR occurs 
within each droplet, which is subsequently individually screened via fluorescence 
measurement for the presence of target DNA (Hindson et al. 2011; Pinheiro et al. 2012). 
Increasing the number of partitions (i.e. droplets) improves precision and therefore enables 
resolution of small concentration differences between nucleic acid sequences in a sample. 
With ddPCR it is possible to detect concentration differences between samples as low as 
1.25-fold, which is more accurate than qPCR, which only allows for a 2-fold detection 
difference (Stoeckle et al. 2017; Hindson et al. 2011).  
The ddPCR technique has been used to obtain absolute quantifications from a range 
of targets including a virus (Hindson et al. 2011), bacteria (Cave et al. 2016; Kim et al. 2014), 
fungi (Palumbo et al. 2016), and animal cells (Miotke et al. 2014), and more recently, a 
handful of fish species (Doi, Uchii, et al. 2015; Nathan et al. 2014; Jerde et al. 2016). Nathan 
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et al., (2014) were the first to use ddPCR to quantify the eDNA concentration of a fish 
species, the invasive round goby (Neogobius melanostomus) in mesocosm experiments. 
Comparing PCR, qPCR and ddPCR platforms, it was found that although both qPCR and 
ddPCR gave consistent estimates of DNA concentration, smaller variations in estimates were 
reported for ddPCR. Similarly, ddPCR proved to be more accurate in quantifying common 
carp (Cyprinus carpio L.) eDNA at low concentrations, than qPCR, suggesting this platform 
is very promising for use in estimating species biomass and/or abundance related to their 
eDNA concentration in the aquatic environment (Doi, Uchii, et al. 2015), once the species-
specific relationship between biomass and eDNA concentration in the environment has been 
determined. In lotic systems, detection of eDNA is complicated by continuous dilution of the 
eDNA signal with simultaneous displacement downstream and/or mixing through physical 
processes (waves, currents). In a series of experiments in a semi-natural stream setting, it was 
concluded that at very low eDNA concentrations, there is an advantage to using ddPCR, as 
was demonstrated by the detection of target eDNA by ddPCR where qPCR failed (Jerde et al. 
2016). Additionally, ddPCR has been shown to perform better in the presence of PCR 
inhibitors in field samples (Doi, Takahara, et al. 2015) compared to qPCR 
 Quantitative estimates using metabarcoding 1.8.3
A remaining controversial issue associated with eDNA metabarcoding is whether it can 
provide quantitative estimates; i.e., are the numbers of reads obtained for each species 
proportional to the abundance or the biomass of the species present in the original sample? 
Quantification of eDNA relating to species abundance could provide clues to habitat use, thus 
identifying spatial conservation priorities such as home ranges and dispersal and migration 
corridors (Barnes & Turner 2016). Although amplicon sequencing produces read counts that 
may contain valuable information about target species abundances (Evans et al. 2016; Port et 
al. 2016), the interpretation of the results of amplicon studies, in the context of quantitative 
ecology, is not straightforward and remains difficult (Kelly 2016). This is in part because the 
precise relationship between amplicon abundance and taxon abundance remains unknown 
and likely varies among taxa (Evans et al. 2016), as it is argued that PCR products are not 
fully proportional to real abundances due to the existence of primer bias (Clarke et al. 2014; 
Elbrecht & Leese 2015) and instead, some advocate for the use of PCR-free methods (Zhou 
et al. 2013). Consequently, the number of sequences obtained per taxon may currently not be 
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interpreted as quantitative but rather as semi-quantitative (Pompanon et al., 2012; Kelly et 
al., 2014) 
For stream fish in lotic systems, a predictive model incorporating eDNA 
concentration has been developed in order to identify detection probabilities and abundance, 
as well as both eDNA production and degradation rates (Wilcox et al. 2016). Such models 
that include eDNA production, transport, and decay may improve the ability to infer 
organism abundance from eDNA quantity (Barnes & Turner 2016). As the relationships 
between eDNA and species abundance become clearer, the role of eDNA in estimating 
species abundance in both freshwater and marine environments is likely to become more 
valuable, increasing the potential of future eDNA applications in research and conservation. 
 
 Increasing reference database coverage and taxonomic resolution 1.8.4
Currently, the taxonomic resolution of sequences from eDNA metabarcoding datasets often 
does not reach the species level. Moreover, taxonomic misidentification poses a significant 
problem. One of the main causes is the incompleteness of reference databases. Taxonomic 
resolution may be increased, while simultaneously decreasing misidentification, by creating 
and updating a locally curated reference database. Moreover, when using group-specific 
primers, taxonomic resolution may be improved by complementing the primers with one or 
several additional primer pairs specifically designed to amplify more discriminately genetic 
regions for families with many closely related species (Valentini et al. 2016), such as is the 
case for the elasmobranch family of Carcharhinidae (Bakker et al. 2017). Additionally, broad 
spectrum primers often amplify non-target groups/species. This may potentially be overcome 
by the use of blocking primers (Vestheim & Jarman 2008), a strategy where the amplification 
of undesired sequences is specifically blocked. 
 
 Taking eDNA analysis into the field 1.8.5
A current limitation on the range and duration of eDNA field work is posed by the need to 
keep water samples chilled to prevent DNA degradation and ship them back to a central 
laboratory for processing. However, there are several recent developments that allow eDNA 
assays to be taken from the lab into the field. This allows for rapid detection of species or 
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even communities in the field, extends the range and duration of field trips, and takes away 
the need to ship samples to a laboratory. To enable field eDNA analysis, there are three 
critical steps that need to be made field capable. First, instead of shipping water samples to a 
central lab for filtration, the development of a mobile pump system allows for the filtration of 
water as the sample is being collected in the field (Laramie et al. 2015) (Figure 15.2). Field 
filtration in itself already simplifies field collection, removes the need for shipping large 
volumes of water, and improves sample preservation. Filters can be preserved in ethanol 
(Laramie et al. 2015), silica beads (Bakker et al. 2017) or modified buffers such as 
Longmire’s buffer (Renshaw et al. 2015). Next, magnetic bead (Tomlinson et al. 2005) or 
syringe based (e.g. eDNA Water Filter Sample Prep Kit, Biomeme, Philadelphia, USA; 
Sterivex, Millipore, Inc., MA, USA) extractions remove the need for an immobile 
centrifugation step that is restricted to the lab. The final step, the analysis of the samples, can 
either be, a qPCR for a species-specific barcoding assay, or high-throughput sequencing for a 
metabarcoding assay. Improvements in miniaturisation and the use of mobile phones as small 
but powerful computing units have allowed the development of mobile qPCR thermocyclers 
such as the Two3, which can run a qPCR analysis for three samples in parallel using up to 
two fluorophores (Figure 1.4A). However, the increased field capability comes at the cost of 
reduced throughput.  For metabarcoding, mobile high-throughput sequencing platforms such 
as the Oxford Nanopore MinION, which are used in conjunction with a laptop allowing for 
immediate analysis of the data, can be used to assess whole communities in the field (Figure 
1.4B). As these two technologies advance, the throughput of these systems is expected to 
increase further. 
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 The emergence of autonomous sampling and analysis 1.8.6
Applying remote and autonomous sampling techniques for eDNA collection may greatly 
expand the potential of eDNA applications to inform and improve conservation efforts 
(Barnes & Turner 2016). Hydroplane drones such as employed by Valentini et al., (2016) 
(Figure 1.5A) are a promising way to collect large amounts of surface water with relatively 
little effort, as they can continuously filter water over an entire body of water and across 
areas otherwise difficult to sample. The increased sample size may enhance the detection 
probability of rare species (Hoffmann et al. 2016).  
In the past couple of years, robotic systems, also referred to as ‘ecogenomic sensors’, 
for the autonomous collection and molecular analysis of eDNA samples have been under 
continuous development and are already being used by marine microbiologists to study 
marine microbial behaviour and to detect changes in bacterioplankton communities by 
utilising DNA probe (qPCR) and protein arrays to detect target molecules indicative of 
species and substances they produce (e.g. algal toxins) (Ottesen 2016; Preston et al. 2011; 
Scholin 2010). Additionally, autonomous high-resolution sampling, and both in situ and ex 
situ molecular essays have been used to study zooplankton distribution (Harvey et al. 2012). 
And a variety of molecular essays, including qPCR, have been applied in situ on particulates 
filtered from seawater from depths up to 4000 m (Ussler et al. 2013). These robotic 
Figure 1.4 (A) Two3™ mobile qPCR thermocycler (Distributed by Biomeme) (B) MinION mobile high-
throughput long-read sequencer (Oxford Nanopore) 
  37 
instruments (Figure 1.5B) are designed to autonomously collect, filter and analyse water 
samples from (sub)surface waters and, in near real-time, transmit data back to shore. In 
addition, they collect data on a wide variety of associated environmental parameters, such as 
currents, turbidity, salinity, and oxygen concentrations (Ottesen 2016). They may also 
preserve and archive water samples for laboratory analysis after the instrument is recovered 
(Breier et al. 2014; Scholin 2010). 
Field portable molecular analytical techniques such as eDNA (meta)barcoding are 
still very challenging to implement in the context of remote instrumentation due to the 
requirement for multiple wet-chemistry processing steps (including concentration, extraction, 
and purification of the target DNA, followed by amplification) (Ottesen 2016). Hence, post-
hoc macrobial eDNA analysis of microbe-motivated samples from these systems likely 
represents the first step towards broadening their use across taxa and disciplines (Barnes & 
Turner 2016). However, the use of ecogenomic sensors, specifically for the large-scale 
collection and analysis of macrobial eDNA, could bring about significant advances for 
molecular ecological studies and for the potential of eDNA applications to benefit 
conservation. As the range of deployable science instruments increases and their operating 
costs decrease, ecogenomic sensors will become an increasingly important tool for both 
oceanographic and ecological research. It will become possible to remotely monitor the 
presence, biodiversity and potentially abundance, of any marine species (including 
elasmobranchs) through cost-effective, long-term, high-frequency eDNA sampling regimes 
of the water column; including remote and inaccessible areas, such as the deep-sea. 
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Figure 1.5 (A) Hydroplane drone-assisted water sampling for eDNA metabarcoding. This drone is double-hulled and the 
outer hull is disposable, which minimizes the risk of water body cross-contamination. Photograph credit: Alice Valentini 
and Tony Dejean/SPYGEN (B) The Environmental Sample Processor (ESP), a robotic microbiology laboratory that can 
filter water samples and either preserve the filtrate until recovery, or process the filtrate autonomously using a variety of 
molecular-probe techniques. Photograph credit: Todd Walsh © MBARI 2017. Taken from http://www.mbari.org/  
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 The use of long-range PCR for eDNA applications 1.8.7
As DNA possesses limited chemical stability (Lindahl 1993), once it is shed from an 
organism, it will start to degrade. Hence, the general assumption regarding eDNA presence in 
an environmental sample, is that most eDNA will be highly degraded upon capture 
(Bohmann et al. 2014). Additionally, it has been shown that in most cases, recently released 
eDNA becomes undetectable within hours to days, underlying its usefulness in providing 
approximate real-time data on species presence in the environment. Coupled with current 
sequence length limitations of both qPCR and high-throughput sequencing platforms, most 
eDNA research has been focussed on a short fragment PCR amplicon sequencing approach to 
characterise macro-organismal species richness (Deiner et al. 2017; Olds et al. 2016; 
Valentini et al. 2016). Yet, one of the major drawbacks of targeting short eDNA fragments, is 
that it often limits the utility for species-level assignment (Deiner et al. 2016; Port et al. 
2016). This can particularly be hampered when closely related species are concerned (Bakker 
et al. 2017), due to the highly conserved target sequences, between these species. 
However, it has been shown that the largest percentage of Common carp (Cyprinus 
carpio) eDNA detected in water samples, was from particles that ranged in size from 1 to 10 
μm (Turner, Barnes, et al. 2014). This is consistent with the presence of intact tissues or cells 
in aquatic environments, indicating that not all eDNA in a water sample is degraded. These 
findings are corroborated by earlier research on the detection of microbial genetic materials 
in the environment, which recognised that eDNA was present in both intracellular and 
extracellular forms (Ogram et al. 1987). It is likely that multicellular organisms shed genetic 
material into their environment first as sloughed tissues and whole cells, which subsequently 
break down and release DNA into the environment (Barnes & Turner 2016), and that 
consequently eDNA represents a complex mixture of particles ranging from extracellular 
DNA molecules up to whole cells and aggregations of cells (Turner, Barnes, et al. 2014). 
This suggests that eDNA for species currently occupying a habitat is not primarily free DNA 
suspended in solution, but that it could also be cellular or membrane bound DNA in a coiled 
or circular state, with comparatively more structural resistance to rapid degradation (Deiner et 
al. 2017; Torti et al. 2015; Turner, Barnes, et al. 2014).   
As opposed to standard PCR amplification, long-range PCR makes it possible to 
produce a fragment that encompasses an entire  mitochondrial genome (mitogenome) in a 
single amplification (Zhang et al. 2013). Hence, a recent study had set out to test whether it is 
possible to amplify and sequence entire fish mitogenomes from eDNA isolated from water 
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samples by applying long-range PCR amplification coupled with shotgun sequencing 
techniques (Deiner et al. 2017). By recovering full-length mitochondrial genes (COI, 
cytochrome B, 12S and 16S) this study has demonstrated that some of the eDNA from 
macro-organisms, currently inhabiting a water body remains intact for a short period, at least 
at the mitochondrial genome size. 
However, one drawback of the method used in this study, is that mitogenome PCR 
products require shearing in order to fragment them prior to sequencing (due to the current 
read-length restrictions of the sequencing technology), and consequently is dependent on 
short fragment based de novo assembly or reference mapping (remapping the short reads to a 
reference sequence). This could still be an obstacle for the identification of closely related 
species, as conserved regions with high-sequence similarity are difficult to accurately 
assemble from a complex mixture (Deiner et al. 2017). It is therefore expected that with the 
continued advancement (e.g. improved cost-effectiveness and reduced error rates) of single 
molecule and long-read technologies, such as the Oxford Nanopore MinION (Laszlo et al. 
2014) (Figure 1.4B), it will become possible to couple long-range PCR amplification and 
sequencing without fragmentation, avoiding problems associated with the use of short 
fragments. 
Being able to sequence whole mitogenomes from eDNA, instead of having to rely on 
short fragment PCR amplifications for species identification, could potentially bring about 
major advances in taxonomic assignment; full-length barcodes, such as the COI region for 
animals (Hebert, Ratnasingham, et al. 2003), could be recovered in its entirety and used for 
species identification and additionally for the investigation of community structure and 
biodiversity. Future advances in long-read sequencing are expected to further advance eDNA 
applications into the realm of population and conservation genetics, systematics and 
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Aims and objectives: 
 
The detection and assessment of species and biodiversity trends is essential for the effective 
management and conservation of biodiversity, yet there is a lack of efficient and reliable tools 
to do so, particularly in the marine environment. Environmental DNA allows for the 
monitoring of marine species without requiring the collection of living organisms, and at 
much larger spatial scales, higher resolution and with more efficiency and replicability 
compared with more traditional sampling methods. Accordingly, this thesis focusses on the 
development and application of environmental DNA approaches in a range of natural marine  
environments. We set out to develop operational tools to assess marine biodiversity through 
eDNA analysis and to specifically address the following objectives: 
 Assess the potential of eDNA for the detection of elasmobranchs, and subsequently 
further develop and apply the eDNA metabarcoding approach to assess and monitor 
elasmobranch biodiversity in natural marine environments, linking community 
differences detected by eDNA, with specific environmental and/or anthropogenic 
factors in both Atlantic and Pacific locations (Chapter II). 
 Examine the performance of eDNA analysis in the detection and diversity assessment 
of elasmobranchs, in both impacted and wilderness areas, compared to traditional 
survey methods in New Caledonia (Chapter III). 
 Evaluate the application of eDNA metabarcoding, using water samples from a range 
of Caribbean marine environments, for whole marine eukaryotic community 
scanning, and validating its potential to detect community differences related to 
geographic location and habitat type (Chapter IV). 
 Conduct a comparative study, to investigate the performance of several 
metabarcoding primer sets for the diversity assessment of teleost fish communities, in 
coastal and transitional waters in the United Kingdom (Chapter V). 
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2 Chapter II 
Environmental DNA reveals tropical shark diversity in contrasting levels of 
anthropogenic impact 
 
Judith Bakker, Owen S. Wangensteen, Demian D. Chapman, Germain Boussarie, Dayne Buddo, 
Tristan L. Guttridge, Heidi Hertler, David Mouillot, Laurent Vigliola & Stefano Mariani 
 
Author contributions: S.M. and J.B. conceived, designed and coordinated the study; J.B., S.M., 
D.D.C, G.B., D.B., T.L.G., H.H., D.M. and L.V. contributed to fieldwork and sample collection; 
Laboratory experiments and data analyses were conducted by J.B. and O.S.W.; J.B. wrote the 
manuscript; all authors read and commented on the manuscript. 
 
2.1 Abstract 
Sharks are charismatic predators that play a key role in most marine food webs. Their 
demonstrated vulnerability to exploitation has recently turned them into flagship species in 
ocean conservation. Yet, the assessment and monitoring of the distribution and abundance of 
such mobile species in marine environments remain challenging, often invasive and resource-
intensive. Here we pilot a novel, rapid and non-invasive environmental DNA (eDNA) 
metabarcoding approach specifically targeted to infer shark presence, diversity and eDNA 
read abundance in tropical habitats. We identified at least 21 shark species, from both 
Caribbean and Pacific Coral Sea water samples, whose geographical patterns of diversity and 
read abundance coincide with geographical differences in levels of anthropogenic pressure 
and conservation effort. We demonstrate that eDNA metabarcoding can be effectively 
employed to study shark diversity. Further developments in this field have the potential to 
drastically enhance our ability to assess and monitor elusive oceanic predators, and lead to 
improved conservation strategies. 
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2.2 Introduction 
Oceanic ecosystems are increasingly impacted worldwide. Marine predators are under often 
unsustainable fishing pressure, which has resulted in several documented cases of stock 
collapses (Jackson et al. 2001; Mullon et al. 2005; Myers & Worm 2003). Elasmobranch 
(sharks and batoids) populations specifically have suffered from overexploitation and stock 
declines (Camhi et al. 2009; Robbins et al. 2006; Simpfendorfer et al. 2002; Spaet & 
Berumen 2015; Ward-Paige et al. 2010; Worm et al. 2013). They are key species in virtually 
all marine trophic webs (Heupel et al. 2014; Navia Andrés F., Mejía-Falla Paola A., López-
García Juliana, Giraldo Alan 2017) and have long been in conflict with human societies, due 
to their perceived competition with fishers (Gilman et al. 2008) or hazardous nature (Muter et 
al. 2013; Simpfendorfer et al. 2011). Owing to their relatively slow growth rate and low 
fecundity (Stevens 2000), they are also particularly vulnerable to overfishing (Bonfil 1994; 
Garcia et al. 2008; Musick et al. 2000). Only recently have elasmobranchs become the focus 
of conservation initiatives (Camhi et al. 2009; Dulvy et al. 2014), as the importance of these 
charismatic animals for the maintenance and resilience of healthy ecosystems is widely 
acknowledged (Baum & Worm 2009; Estes et al. 2011; Ferretti et al. 2010; Heithaus et al. 
2012). 
The development of management strategies for elasmobranchs depends on accurate 
population assessments in the field. Yet, currently established survey methods, such as 
fishing by long-lining or gill-netting, acoustic monitoring, baited remote underwater video 
(BRUV), underwater visual census (UVC) and fisheries-dependent population surveys, are 
often resource intensive, selective and dependent on taxonomic expertise, and sometimes 
invasive and potentially traumatogenic (Lodge et al. 2012; Simpfendorfer et al. 2016; 
Wheeler 2004). Therefore, biologists and managers worldwide are faced with considerable 
challenges due to the high effort and cost associated with the assessment and monitoring of 
elasmobranch biodiversity, abundance and distribution. 
Environmental DNA (eDNA), DNA isolated directly from environmental samples 
such as soil or water, can be amplified, sequenced and assigned back to its species of origin 
through (meta)barcoding and has been suggested as an alternative to track species presence 
and abundance in their environment (Ji et al. 2013; Taberlet et al. 2012). Due to its limited 
persistence in the water column, in seawater even small (100-bp) eDNA fragments degrade 
beyond detectability within days (Thomsen, Kielgast, Lars Lønsmann Iversen, et al. 2012), 
the detection of eDNA from a specific taxon indicates its presence or very recent presence in 
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the environment (Barnes et al. 2014b; Jerde et al. 2011; Pilliod et al. 2014). Accordingly, 
over the past couple of years eDNA methods have increasingly been applied for the detection 
of rare and invasive species (Takahara et al. 2013; Turner et al. 2015; Wilcox et al. 2013). 
Moreover, it has been demonstrated that eDNA metabarcoding has the ability to outperform 
traditional survey methods for diverse taxa, including teleost fish, both in freshwater (Civade 
et al. 2016; Deiner et al. 2016; Hänfling et al. 2016; Valentini et al. 2016) and in marine 
ecosystems (Port et al. 2016; Yamamoto et al. 2017; Sigsgaard et al. 2016).  
 
The first reported study to detect elasmobranch eDNA in natural water samples employed 
DNA barcoding (aiming to detect a single species in the environment), for the detection of 
the largetooth sawfish (Pristis pristis) (Simpfendorfer et al. 2016). Similarly, a species-
specific approach was recently applied to amplify whale shark (Rhincodon typus) eDNA 
from oceanic water samples (Sigsgaard et al. 2016). On the other hand, eDNA metabarcoding 
has the potential to simultaneously identify several taxa from an environmental sample 
(Taberlet et al. 2012), which is clearly essential for community-level assessments.  
However, previous studies have encountered challenges concerning elasmobranch 
specific detection, when applying this multispecific approach (Kelly, J. A. Port, et al. 2014; 
Miya et al. 2015). And although three species of elasmobranch have recently been detected in 
a large-scale marine eDNA study using a primer set designed for teleosts (Thomsen et al. 
2016), we are still lacking evidence that eDNA metabarcoding can successfully be applied to 
describe elasmobranch diversity across a range of natural settings, for the purpose of 
ecosystem assessment and management.  
Here, for the first time, we employ eDNA metabarcoding of natural seawater samples 
to specifically investigate shark communities in Atlantic and Pacific tropical ecosystems, 
using a previously published primer set targeting a 127 bp stretch of the mitochondrial COI 
region (Fields et al. 2015). We assess the potential of this low-effort approach for multi-
species elasmobranch detection, and specifically examine whether patterns of species 
diversity and eDNA read abundance, reflect the known degree of anthropogenic impact in 
two independent tropical marine systems.  
In the greater-Caribbean, there has been a long and ongoing history of elasmobranch 
exploitation, and high anthropogenic pressure in coastal zones has led to the broad-scale 
depauperation of elasmobranchs on Caribbean reefs (Ward-Paige et al. 2010; Newton et al. 
2007). However, many species do still occur in populated areas where strong fishing 
regulations are in place or where specific shark conservation policies have been enacted 
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(Ward-Paige et al. 2010). In The Bahamas for instance, gillnet and long-line fishing have 
been prohibited since 1991 and their national waters have been declared a shark sanctuary in 
June 2011, prohibiting directed fishing or even the retention of shark by-catch (Chapman et 
al. 2013). In the wider Indo-Pacific region, overfishing and poaching are also responsible for 
declines in elasmobranch populations (Werry et al. 2014). Nevertheless, elasmobranchs do 
still occur in relatively high numbers around remote, isolated locations such as coral reefs on 
uninhabited atolls in the northern Line Islands (Sandin et al. 2008) and the Chagos 
Archipelago (Graham & Mcclanahan 2013). Furthermore, although several widely-
distributed elasmobranch species are in effect cosmopolitan or circum-tropical, significant 
biogeographical differences exist between the Caribbean and the Pacific Coral Sea, which 
allows also for a broad-scale eDNA comparison of community composition.  
Elasmobranch species inventories and assessment of geographical distributions based on 
eDNA metabarcoding could potentially represent an important tool for rapid environmental 
monitoring and hence influence conservation management and policy decisions. This study 
represents the first targeted effort that demonstrates the effectiveness of an eDNA 
metabarcoding approach for the detection and monitoring of elasmobranch communities.  
 
2.3 Results 
 eDNA detection of elasmobranchs 2.3.1
A total number of 2,972,832 reads was obtained from an Illumina MiSeq run of pooled 
amplicon libraries, built from 55 Caribbean and 22 New Caledonian samples (Fig. 2.1 a, b 
and Supplementary material 2.1). A large part of the sequenced reads (80%) originated from 
non-specific amplification and were shorter than the target length. After sample assignment, 
quality and sequence-length filtering, 284,252 reads were left; of which 21,542 could be 
taxonomically assigned to elasmobranchs (Supplementary material 2.1). The number of 
elasmobranch reads per sample ranged from 0 to 5,205 (Supplementary Table S1). After the 
removal of singletons (MOTUs in a sample that contained only one read), taxonomic 
assignment from the sampled locations (Fig. 2.1a, b) resulted in 22 elasmobranch molecular 
operational taxonomic units (MOTUs), of which 12 were detected in the Caribbean, 16 in 
New Caledonia and 9 in both locations. Krona-like plots (Fig. 2.1c) display the complete 
taxonomic assignment for each of the sampling locations, while a Principal Component 
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Analysis (PCA) (Fig. 2.1d) depicts the scattering of all the samples containing elasmobranch 
reads across the two biogeographic areas. Even though several MOTUs are shared between 
the two regions, there is still a clear spread in MOTU (species) composition between New 
Caledonia and the Caribbean. No elasmobranch reads were detected in the two PCR negative 
controls that were performed and sequenced to detect potential contamination.  
Using the 127-bp COI fragment, we did not find a wholly unequivocal 
correspondence between MOTUs and species; since some MOTUs had 100% sequence 
identity matches with more than one species in the BOLD database. Although this issue 
mostly pertained to the genus Carcharhinus, which is known to be taxonomically 
problematic and polyphyletic (Sorenson et al. 2014), it also affected the less speciose 
Rhizoprionodon and Negaprion. Consequently, this has also resulted in MOTUs containing 
sequences from both Coral Sea and Caribbean species that share an identical 127 bp 
sequence. Thus, for a more reflective separation, these particular MOTUs have been split into 
their Pacific and Caribbean components (see Supplementary material 2.2 for a complete data 
file of all reads per taxa, per sample). 
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Figure 2.1 Map of New Caledonian (a) and Caribbean (b) sampling locations. The intensity of dot shading in all 
panels indicates the level of anthropogenic impact from ‘severely impacted’ (light pink/blue) to ‘least impacted’ (dark 
pink/blue). The krona-like plots (c) show the complete taxonomic assignment for each of the sampling locations (with 
elasmobranchs in purple). The different taxonomic levels are represented by the layers of rings, starting with phylum, 
for the innermost layer, and subsequently class, order, family and genus radiating outwards. In the centre of each 
location plot, the number of elasmobranch reads compared to the total number of filtered reads, is displayed. The 
Principal Component Analysis (PCA) (d) depicts the scattering of the samples containing elasmobranch reads, across 
the two biogeographic areas. The six most discriminating taxa are labelled in full, while the rest are indicated by 
numbers (following alphabetical order from lines 27-50 in Supplementary Table S2), namely: 1= C. acronotus, 2= C. 
albimarginatus, 4= C. amblyrhynchos/limbatus_Caribbean, 6= C. brachyurus/perezii, 8= C. melanopterus/cautus, 9= 
C. leucas, 10= C. obscurus/macloti/longimanus/galapagensis, 12= C. perezii/falciformis_Pacific, 13= C. plumbeus, 
14= C. plumbeus/altimus/sorrah, 15= G. cuvier, 17= N. brevirostris/acutidens_Pacific, 18= R. porosus/terraenovae, 
20= S. mokarran, 21= D. Americana, 22= S. fasciatum. Maps made with Natural Earth. Free vector and raster map data 
@ naturalearthdata.com.  
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 Elasmobranch diversity and read abundance patterns 2.3.2
The Bahamas is the Caribbean sampling location least subjected to fishing pressure, as a 
result of its shark sanctuary status; hence, it displays the greatest elasmobranch diversity, 
composed of 11 different MOTUs (Fig. 2.2). In the samples from the locations most impacted 
by anthropogenic disturbances, Jamaica and Belize, only 2 and 1 elasmobranch MOTUs 
respectively, were detected. A similar pattern is apparent for the New Caledonian samples, 
where the highest diversity is found in the most remote and pristine locations, the 
Chesterfield Atolls (11 MOTUs) and New Caledonia North (14 MOTUs). Contrastingly, only 
5 elasmobranch MOTUs were detected in the capital, Noumea, the most densely populated 
area of New Caledonia. 
  




The violin plots of MOTU richness (Fig. 2.3a) and read abundances (Fig. 2.3b) show how the 
different sample values are distributed, by comparing the variable sample size distribution 
across the different locations. The distribution of density (number of MOTUs, Fig. 2.3a), and 
abundance of reads, (Fig. 2.3b) is represented by the width of the plots. For both the 
Caribbean (green) and the New Caledonian (blue) locations, MOTU richness (Fig. 2.3a) 
increases from left to right, following the pattern of decreasing anthropogenic disturbance. 
While the three least impacted locations, The Bahamas, New Caledonia North and the 
Figure 2.2 Bar plot showing the relative abundances of reads (fourth-root transformed) for every elasmobranch MOTU 
detected in the Caribbean and New Caledonian locations. 
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Chesterfield atolls, show the greatest numbers of MOTUs in one sample (6, 7 and 8 MOTUs 
respectively), the violin plots for these locations show that richness is more equally spread 
across the different samples from Chesterfield (thus more samples containing multiple 
MOTUs); a sample is more likely to contain only 1 or 2 MOTUs in The Bahamas whereas in 
Chesterfield a sample is more likely to contain 4 or 5 MOTUs. Additionally, every sample 
from Chesterfield contains at least 3 elasmobranch MOTUs (for detailed MOTU richness per 
sample, see Supplementary Table S2). The abundance of reads (Fig. 2.3b) per location 
follows the same pattern: it increases in both Caribbean and New Caledonian locations, with 
a decreasing level of human impact. While both New Caledonia North and Chesterfield have 
samples that contain more than 1000 elasmobranch sequence reads, the number of samples 
with more than 1000 reads is greater in the more remote Chesterfield atolls. Additionally, 
Chesterfield is the only location without any samples with less than 80 sequence reads. 
 Generalized Linear Model (GLM) tests (using location as categorical factor) indicate 
significant differences in both diversity (DV) and read abundance (AB) between locations in 
both the Caribbean and New Caledonia. Pair-wise comparisons (post-hoc Tukey 
comparisons) show that for diversity (MOTU richness, Fig. 2.3a), significant differences are 
detected between The Bahamas and Jamaica (P = 0.039) and nearly significant differences 
between the Bahamas and Belize (P = 0.095). While diversity in New Caledonia is 
significantly different between Chesterfield and Noumea (P = 0.013). For read abundances 
(Fig. 2.3b), significant differences exist between The Bahamas and the other 3 Caribbean 
locations (P < 0.001). Additionally, read abundances in Turks & Caicos are significantly 
different from Jamaica (P = 0.033) and Belize (P = 0.047). In New Caledonia, all abundance 
comparisons are highly significant (P < 10-10). 
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Species accumulation curves are plotted for each location (Fig. 2.4). The curves show 
elasmobranch diversity (MOTU richness) as a function of the number of samples in the 
locations from the Caribbean (A) and New Caledonia (B). Error bars indicate standard errors 
after 100 permutations. The results show that none of the Caribbean (Fig. 2.4a) or New 
Caledonian (Fig. 2.4b) samples tend to reach a plateau in MOTU richness, although, with the 
exception of The Bahamas, the Caribbean slopes tend to flatten after N=10. Non-saturation of 
species accumulation curves suggests that increased sampling effort would be desirable for 




Figure 2.3 Violin plots showing (a) elasmobranch diversity (MOTU richness) and (b) abundance of reads per sample in the 
different locations from the Caribbean (green) and New Caledonia (blue). The shapes indicate the density distribution of the 
samples, extending from the minimum to the maximum observed values. The median values are indicated by the red dots. The 
thick black bars are the interquartile ranges. The thin black extending lines represent the 95% confidence intervals such that the 
values in the wider parts of the plots are more probable than those in the narrower parts. Per region, significant differences 
(P<0.05) are indicated with asterisks. Asterisk significant codes: *** P<0.001, **P<0.01, *P<0.05, • P<0.1 
 






Figure 2.4 Species accumulation curves showing elasmobranch diversity (MOTU richness) as a function of the number 
of samples in the locations from the Caribbean (a) and New Caledonia (b). Error bars indicate standard errors after 100 
permutations. Belize is absent from the plot as it contains only one elasmobranch MOTU. 
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2.4 Discussion 
Our results demonstrate that eDNA metabarcoding can be applied to assess elasmobranch 
species richness and, potentially, relative abundance in natural seawater samples, the two 
main components of ecological communities. The derived geographical patterns of diversity 
and abundance of shark eDNA sequence reads may be used for monitoring purposes and 
ultimately to inform conservation management and policy decisions. At the global/macro-
scale, the detected elasmobranch MOTUs collectively separate the Caribbean and New 
Caledonian regions (Fig. 2.1D), dominated by Carcharhinus perezii / Negaprion brevirostris 
and Carcharhinus amblyrhynchos / Triaenodon obesus, respectively, with the exception of 
the most depauperate locations (e.g. Belize, Jamaica and Noumea) which are grouped in the 
centre of the ordination plot. Additionally, the patterns of MOTU richness and abundance of 
sequence reads follow the level of anthropogenic impact in each location. Remote localities 
such as the Chesterfield atolls and protected areas such as Bimini, Bahamas show both the 
highest species richness and read abundance among our samples, whereas the less remote and 
non-protected locations show lower values for both diversity and abundance (Figs. 2.1C, 2.2 
& 2.3).  
In marine ecosystems, the impact on living resources is often framed into the 
Malthusian theory of human density around such ecosystems (Maire et al. 2016). Several 
studies have shown proximity to market to be the strongest predictor of overfishing on coral 
reefs (Cinner et al. 2012; Cinner et al. 2013; Cinner et al. 2006). A particular case study from 
New Caledonia has demonstrated that travel time from the market is a strong predictor of fish 
biomass, predator abundance and functional diversity on coral reefs (Maire et al. 2016; 
D’agata et al. 2016). Thus, remote locations such as the Chesterfield atolls, receive de facto 
protection due to their isolation (D’agata et al. 2016). The level of elasmobranch diversity 
and eDNA read abundance, sheds a new light on these wilderness areas which are already 
known to support high levels of fish biomass (Graham & Mcclanahan 2013; D’agata et al. 
2016). 
Likewise, it has previously been shown that sharks on reefs in the Greater Caribbean mostly 
occur in areas with low human population density or in a few places where strong fishing 
regulations or conservation measures have been implemented (Ward-Paige et al. 2010). 
While none of our Caribbean sampling locations is at more than 1 hour travel away from 
people, The Bahamas represents one of those locations whose elasmobranch populations in 
particular receive protection through effective conservation measures (Chapman et al. 2013). 
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Environmental DNA metabarcoding has a number of advantages compared to classical 
approaches for monitoring elasmobranchs. It is a minimally invasive and resource-effective 
technique. The eDNA sampling and metabarcoding protocols are easy to standardize and the 
molecular assignment does not require taxonomic expertise. Nevertheless, our findings also 
reveal a number of concerns that should be addressed in future developments of 
shark/elasmobranch eDNA metabarcoding approaches. First the taxonomic resolution of the 
final dataset is strongly dependent on the choice of markers; while the use of COI as a 
metabarcoding marker has previously been criticized (Deagle et al. 2014), owing to its high 
sequence variability, which may impair the design of truly universal primers and complicate 
bioinformatics analysis - it can also be argued that COI presents two major advantages over 
other potential markers. First, the steadily growing international effort, headed by the 
Consortium for the Barcode of Life (CBOL), to develop a public DNA barcoding database 
with curated taxonomy, greatly facilitates taxonomic assignment. The BOLD database 
(http://www.boldsystems.org/) (Hebert, Cywinska, et al. 2003; Ratnasingham & Hebert 
2007) currently includes >4 million sequences belonging to over 500,000 species, curated 
and identified by expert taxonomists. Secondly, the high mutation rate of COI enables 
identification at the species level, whereas the highly conserved sequences of other markers, 
such as 18S, make it often impossible to distinguish at the species or genus levels; and 
species-level identification is crucial for studies aimed at detecting rare species, such as is 
often the case for sharks. 
Nevertheless, using the 127 bp elasmobranch specific COI fragment (Fields et al. 2015), we 
still recorded some ambiguity in the taxonomic assignment of some species of the genera 
Carcharhinus, Rhizoprionodon and Negaprion, owing to the limited sequence variability 
within the amplicon. Consequently, the sequences of some MOTUs are 100% identical to 
individuals belonging to different species in the BOLD database. In our dataset, this is 
presented by several MOTUs belonging to either of two or more species. Furthermore, this 
has resulted in 3 MOTUs having 100% sequence identity for species occurring in New 
Caledonia, and species occurring in the Caribbean. One particular example is the 
Carcharhinus amblyrhynchos/limbatus MOTU. The bulk of sequences within this MOTU are 
from New Caledonia, 16730 compared to 146 in the Caribbean (Supplementary material 2.2). 
In all probability, the sequence reads from New Caledonia belong to both C. amblyrhynchos, 
the grey reef shark (a species abundant in this area and also the species most often visually 
detected during sampling operations, Supplementary material 2.1) and to Carcharhinus 
limbatus, the blacktip shark. Since C. amblyrhynchos does not occur in the Caribbean, the 
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146 reads of this MOTU in the Caribbean samples most likely belong to C. limbatus. 
Similarly, the Negaprion brevirostris/acutidens and Carcharhinus perezii/falciformis 
MOTUs are shared between New Caledonia (365 and 206 reads respectively) and the 
Caribbean (91 and 1045 reads respectively). Negaprion brevirostris (lemon shark) is native to 
the Americas whereas N. acutidens (sicklefin lemon shark) is widely distributed throughout 
the Indo-Pacific. Carcharhinus falciformis, the silky shark, is circumtropical, while the 
distribution of Carcharhinus perezii (Caribbean reef shark) is restricted to the tropical 
western Atlantic Ocean.  
In order to resolve the issue with closely related species, it will be essential to design 
alternative primers that are able to amplify a longer fragment of the gene region, in addition 
to an improved reference database. In relation to this, it is clear that certain elasmobranch 
species present in the environment at the time of sampling could not be detected using the 
selected primer set, as their non-degenerate sequences contain mismatches with the binding 
regions of several species. This is epitomized by the case of the nurse shark, Ginglymostoma 
cirratum, which is an abundant species in the Caribbean and some individuals were visually 
observed at the time of sampling. Yet, eDNA sequence reads of G. cirratum were not 
detected in any of our Caribbean samples. Comparing the available G. cirratum COI 
sequences in public repositories with our primer sequences, it becomes apparent that two 
mismatches with the primer 3’ end are most likely responsible for the prevention of 
amplification of this species’ DNA from environmental samples. In silico mismatch statistics, 
comparing the 3’ half of the primers with full mitochondrial genome sequences available, are 
listed in Supplementary material 2.4, for all elasmobranch Orders. This table shows that the 
primers are particularly suitable for amplifying Carcharhiniformes, which contains more than 
half of all shark species, including those of most ecological relevance for this study. 
However, all the elasmobranch orders may be amplified. Potential mismatch issues may be 
resolved by decreasing the specificity of the primer set by incorporating degenerate bases or 
inosine nucleotides. However, this approach may have the undesired effect of an increase in 
the number of reads belonging to non-target taxa getting amplified. Clearly, this trade-off 
between taxonomic resolution and non-target amplification needs to be well balanced prior to 
applying the eDNA metabarcoding approach for the purpose of informing conservation and 
management decisions. Here, we focused on large-scale differences and overall patterns in 
relation to anthropogenic influence, but in alternative contexts it may be necessary to attain 
greater taxonomic accuracy (e.g. endangered or invasive species); a challenge also faced by 
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currently established ribosomal amplicon-based analysis of other vertebrates (Thomsen et al. 
2016; Kelly et al. 2016). 
Quantification of eDNA relating to species abundance could provide clues to habitat 
use and preference, thus identifying spatial conservation priorities such as home ranges and 
dispersal and migration corridors (Barnes & Turner 2016). However, whether eDNA 
metabarcoding can provide quantitative estimates, particularly in the case of community-level 
abundance, remains a controversial issue. Although amplicon sequencing produces read 
counts that may contain valuable information about target species abundances (Port et al. 
2016; Evans et al. 2016), the interpretation of the results of amplicon studies, in the context 
of quantitative ecology, is not straightforward and remains ambiguous (Kelly 2016). This is 
in part because shedding rates between communities, species and individuals may differ. But 
also because the precise relationship between amplicon abundance and taxon abundance 
remains unknown and likely varies among taxa (Evans et al. 2016; Elbrecht & Leese 2015), 
as it is argued that PCR products are not fully proportional to real abundances due to the fact 
that primer efficiency may vary among species templates (primer bias) (Elbrecht & Leese 
2015; Clarke et al. 2014). While previous studies have shown positive rank correlations 
between species abundance and read abundance (Hänfling et al. 2016; Kelly, J. A. Port, et al. 
2014; Evans et al. 2016; Klobucar et al. 2017), as of yet, no studies have been published, 
revealing evidence of a relationship between relative abundance of species within a 
community and their respective eDNA read abundances. And while currently, no experiments 
have been performed to empirically verify the relationship between read abundance and 
community biomass for elasmobranchs in particular, our data show that read abundances are 
higher in the more pristine/remote sampling locations and that these patterns of read 
abundance are coherent with expectations that can be inferred from the contrasting levels of 
human impact/remoteness of the different locations, for both the Caribbean and New 
Caledonia (Fig. 2.3B). While for example the species diversities of New Caledonia North and 
Chesterfield are very similar (Fig. 2.2), eDNA read abundance is significantly higher in 
Chesterfield (Fig. 2.3B), suggesting that read abundance may be correlated with remoteness. 
As the relationships between eDNA and species abundance become clearer, the role of eDNA 
in estimating species abundance in both freshwater and marine environments is likely to 
become more valuable, increasing the potential of future eDNA applications in research and 
conservation. 
 Conservation and management of elasmobranch diversity relies on the effective 
monitoring of species across large oceanic areas. While direct observation and identification 
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of individuals are often complicated, we have demonstrated that, despite the seemingly 
daunting task of probing vast stretches of ocean by collecting water samples, eDNA 
metabarcoding has great potential for developing into an objective and powerful 
elasmobranch assessment tool, applicable to a wide range of ecological goals, from the 
mapping of diversity gradients in response to environmental variation, to the monitoring of 
the effectiveness of spatial protection measures.  
 
2.5 Material and methods 
 Experimental design 2.5.1
Aqueous eDNA samples were collected with interoceanic replication, to test for spatial 
marine protection as a predictor for elasmobranch diversity. During February and March of 
2015 (Supplementary material 2.1), samples were collected from four Caribbean locations 
impacted by various levels of anthropogenic pressures (Fig. 1.1B). Jamaica is known to have 
one of the most depauperate fish populations in the Caribbean and a severely extirpated 
elasmobranch fauna (Hawkins & Roberts 2004); thus, it was expected that Jamaica would sit 
at the lower end of the elasmobranch diversity range and read abundance. In Belize sampling 
took place around the partially submerged Glover’s Reef atoll, which is part of the 
Mesoamerican Barrier Reef. Even though this region has a relatively large number of marine 
reserves, including the ‘Glovers Reef Marine Reserve’, shark sightings in the Caribbean are 
quite rare and relatively few shark sightings occurred in the Mesoamerican Barrier Reef area 
during a previously conducted survey (Ward-Paige et al. 2010; Bond et al. 2012).  
In the Turks & Caicos Islands, where sampling took place around South Caicos, the 
establishment of a shark sanctuary is under consideration; however, the islands are currently 
still experiencing high fishing pressure (Newton et al. 2007), which tends to disproportionally 
reduce densities of longer-lived, larger-bodied individuals (Sandin et al. 2008). At the other 
end, the nation of The Bahamas is a designated shark sanctuary (Chapman et al. 2013) and as 
such, an area characterised by consolidated shark protection. The sampling was conducted 
around the islands of Bimini, which consequently boast an abundant and diverse 
elasmobranch fauna (Guttridge et al. 2017; Jennings et al. 2012). 
In the tropical Pacific, eDNA samples were collected from three locations in New Caledonia 
(Fig. 1.1a), during September, October and November of 2015 (Supplementary material 2.1). 
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New Caledonia has a unique anthropogenic impact gradient from nearly pristine to 
significant levels of anthropogenic disturbance (D’agata et al. 2016). The most heavily 
impacted site is represented by the capital Noumea, the most densely populated area in New 
Caledonia (Maire et al. 2016). However, most reefs near Noumea are no-take reserves and 
shark fishing is historically non-existent in New Caledonia so that near Noumea, shark 
populations may be healthier compared to many other impacted areas. Sampling sites north 
of the main island Grande Terre, ‘New Caledonia North’ represent the intermediate level of 
anthropogenic impact, being between 70-120 km removed from the nearest human settlement 
and a minimum of 500km/15 hours travel time, from the Noumea fish market. The isolated 
Chesterfield atolls, 550 km northwest of Grande Terre (~35 h travel time from the Noumea 
fish market), are the most remote of all our sampling locations. These samples were expected 
to show the highest levels of elasmobranch diversity and eDNA read abundance. Within all 7 
(Caribbean and New Caledonian) locations, samples were collected from between 6 and 20 
different sites covering a variety of habitats (Supplementary material 2.1 contains coordinates 
per site). A total of 55 samples from the Caribbean and 22 samples from New Caledonia were 
collected and analysed. Each sample consisted of 4 litres of sea water, collected by either a 
Kemmerer type water sampler or directly with a plastic collection bottle.  
 
 Sample processing and DNA extraction 2.5.2
After collection, the water samples were individually covered and stored, in the dark and on 
ice, during transport to the local laboratory facilities. Vacuum filtration was carried out 
within two hours after collection. When it was not feasible to carry out filtration within two 
hours after collection, due to travel time to laboratory facilities, the samples were directly 
frozen after collection, until further processing. The sterile mixed cellulose esters (MCE) 
filters (Merck Millipore; 47 mm diameter; 0.45 µm pore size) containing sample filtrates 
were stored in 2.0 ml screw-cap microcentrifuge tubes containing silica beads. The silica 
beads function as a desiccator, drying out the filters and hence preventing the DNA from 
degrading. The sample filters were then stored at -20°C until extraction. DNA was extracted 
from the filters with the Mo-Bio PowerSoil DNA Isolation Kit (www.mobio.com), following 
the manufacturers’ protocol. Purified extracts were assessed for DNA concentration in a 
Qubit fluorometer (Thermo Fisher Scientific). 
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 Contamination control 2.5.3
Contamination of samples may occur anywhere from preparing sampling equipment and 
collecting the samples in the field (target DNA being carried unintentionally from one 
locality to another), to every subsequent step of sample preparation, extraction and analysis in 
the laboratory. Hence, strict adherence to contamination control was followed at all field and 
laboratory stages in order to prevent the occurrence of contamination, including the use of 
disposable gloves and single use-sterile collection bottles and filtration equipment, and the 
bleaching (50% bleach) of sampling devices and laboratory equipment and surfaces. 
Additionally, a dedicated controlled eDNA lab at the University of Salford, with separate 
rooms designated for the physical separation of eDNA extraction, pre-PCR preparations and 
post-PCR procedures, was used for all laboratory work. Moreover, to identify potential 
contamination, DNA extraction blanks (elution buffer from extraction kit) and PCR blanks 
were included. 
 
 Library preparation and sequencing 2.5.4
For the amplification of eDNA metabarcoding markers, an elasmobranch specific COI primer 
set was used. This previously published primer set consisted of a novel reverse primer ‘Shark 
COI-MINIR’ 5’-AAGATTACAAAAGCGTGGGC-3’ (Fields et al. 2015) and two universal 
fish barcoding forward primers FishF2 5’-TCGACTAATCATAAAGATATCGGCAC-3’ and 
VF2 5’-TCAACCAACCACAAAGACATTGGCAC-3’ (Ward et al. 2005), yielding an 
amplicon of 127 bp (Fields et al. 2015). For the multiplex Illumina sequencing run, we used 4 
sets of 24 primers with attached 8-base sample-specific oligo-tags differing in at least 3 bases 
(Guardiola et al. 2015). In order to increase variability of the amplicon sequences, a variable 
number (2, 3 or 4) of fully degenerate positions (Ns) was added at the beginning of each 
primer (Wangensteen & Turon 2017). The full, sequenced PCR product, consisted then of 
195 bp, including the amplicon, primers, sample tags and leading N’s. 
For PCR amplification, a single step protocol was used, directly attaching the 8-base tagged 
primers. The PCR mix recipe was as follows: a total volume of 20 µl included 2 µl 10x buffer 
(BioLine), 0.6 µl 50mM MgCl (BioLine), 0.5 µl of each of the 5 μM forward primers 
(Eurofins), 1 µl of the 5 µM reverse primer, 0.2 µl 10 mM dNTP mix (BioLine), 0.2 µl 
BioTaq DNA polymerase (5u/μl, BioLine), a standardised amount (10 ng) of the filter-
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extracted eDNA template, and 13 µl sterile water. The PCR profile included an initial 
denaturing step of 95 ºC for 15 min, 35 cycles of 94 ºC 1 min, 52 ºC 1 min and 72 ºC 1 min 
and a final extension step of 72 ºC for 5 minutes. The quality of all amplifications was 
assessed by electrophoresis, running the products through a 1.5% agarose gel stained with 
Gel Red (Cambridge Bioscience) and visualized on a UV light platform. All PCR products 
(including one replicate per sample and 2 PCR negative controls) were pooled into 4 
multiplexed sample pools (each composed of 24 individually-tagged samples) and purified 
using MinElute columns (Qiagen). Four Illumina libraries were subsequently built from the 
four pools, using the NextFlex PCR-free library preparation kit (BIOO Scientific). The 
libraries were quantified using the NEBNext qPCR quantification kit (New England Biolabs) 
and pooled in equimolar concentrations along with 1% PhiX (v3, Illumina) serving as a 
positive sequencing quality control. The libraries with a final molarity of 8 pM were 
sequenced on an Illumina MiSeq platform in a single MiSeq flow cell using v2 chemistry 
(2x150 bp paired-ends).  
 
 Bioinformatic and statistical analysis 2.5.5
The bioinformatic analysis was based on the OBITools metabarcoding software suite (Boyer 
et al. 2016). The pipeline used for data analysis is summarized in Supplementary material 
2.3. Quality of the reads was assessed using FastQC. Paired-end reads were aligned using 
illuminapairedend and alignments with quality score >40 were kept. The aligned dataset was 
demultiplexed using ngsfilter. The length distribution of the demultiplexed reads showed a 
large percentage of short fragments (<95 bp), originating from non-specific amplifications 
and primer-dimer artefacts, which were not removed during the size selection step of library 
preparation. Thus, a length filter (obigrep) was applied to the aligned reads (120-135 bp) in 
order to select only the fragments with the correct target size. Reads containing ambiguous 
bases were also removed. The reads were subsequently dereplicated using obiuniq and a 
chimera removal step was performed using the uchime-denovo algorithm (Edgar et al. 2011) 
implemented in vsearch (Rognes et al. 2016). The MOTUs were delimited using the 
sumaclust algorithm (Boyer et al. 2016) with a constant similarity threshold of 99%. 
Taxonomic assignment of the representative sequences for each Molecular Operational 
Taxonomic Unit (MOTU) was performed using the ecotag algorithm (Boyer et al. 2016). We 
built a bespoke elasmobranch reference database using a custom R script for retrieving all 
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COI elasmobranch sequences available from the BOLD database (Ratnasingham & Hebert 
2007), and subsequently selecting those that included our 127 bp target fragment. In order to 
add homologous sequences from other, non-elasmobranch taxa, an in silico PCR was 
performed against release R117 of the EMBL-EBI database using ecoPCR (Ficetola et al. 
2010). Subsequently, the obtained reference sequences were added to the elasmobranch 
sequences obtained from BOLD. These additional reference sequences were added to our 
elasmobranch database in order to avoid the incorrect assignment of amplified sequences, 
belonging to other taxa, to elasmobranchs. This combined reference database is available 
from http://github.com/metabarpark/Reference-databases. The final refining of the dataset 
included taxonomy clustering of MOTUs assigned to the same species.   
Due to its high sensitivity, an additional challenge associated with eDNA 
metabarcoding, is the risk of contamination (Goldberg et al. 2016; Thomsen & Willerslev 
2015), and hence the possibility of introducing false positive results. While it is certainly 
possible to detect a species present in a sample, represented by a single sequence read, it is 
not possible to completely exclude contamination (or sequencing error) as the potential cause 
of MOTUs containing only a single read, i.e. to dismiss single reads as potential false 
positives. Accordingly, we have opted for a more conservative approach and have removed 
all single read MOTUs from our samples.  
 All statistical analyses were performed in R v 3.3.0 (https://www.R-project.org/). The 
vegan package v. 2.4-0 (Oksanen et al., 2016) was used for the calculation of sample-based 
species accumulation curves. A generalized linear model approach was used for testing 
differences in MOTU richness and read abundances (square-root transformed) as a function 
of location, using the glm2 package v. 1.1.2 (Marschner 2015). The Poisson distribution 
family function was used for modelling the residuals and package multcomp (Hothorn et al. 
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The work in this chapter is the result of a collaboration in which the data collected for this thesis has 
been combined with data collected by collaborating authors, in order to compare the results of eDNA 






In the era of ‘Anthropocene defaunation’, large species are often no longer detected in 
habitats where they formerly occurred. However, it is unclear if this apparent missing, or 
‘dark’, diversity of megafauna results from local species extirpations, or from failure to detect 
elusive remaining individuals. We find that despite two orders of magnitude less sampling 
effort, environmental DNA (eDNA) detects 44% more shark species than traditional 
underwater visual censuses and baited videos across the New Caledonian archipelago (south-
western Pacific). Furthermore, eDNA analysis reveals the presence of previously-unobserved 
shark species in human-impacted areas. Overall, our results highlight a greater prevalence of 
sharks than described by traditional survey methods, in both impacted and wilderness areas. 
This indicates an urgent need for large-scale eDNA assessments to improve monitoring of 
threatened and elusive megafauna. Finally, our findings emphasize the need for conservation 
efforts specifically geared towards the protection of elusive, residual populations. 
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3.2 Introduction 
Human activities are largely responsible for the ongoing defaunation of ecosystems 
worldwide, causing massive population declines and local species extirpations (Dirzo et al. 
2014; Young et al. 2016). This global wave of defaunation may dramatically increase local 
‘dark diversity’, defined as the suite of species which should be present within a certain 
region, based on their habitat requirements and dispersal ability, yet, are absent (Pärtel et al. 
2018). In other words, dark diversity encompasses the diversity of locally absent species, 
although biogeographic history, as well as ecological and environmental conditions, suggest 
their presence (Moeslund et al. 2017). High dark diversity may imperil ecosystem 
functioning (Soliveres et al. 2016), but also represents potential for recovery of purportedly 
absent species (Pärtel et al. 2018; Lewis et al. 2017). A substantial portion of megafaunal 
dark diversity is composed of mobile, rare, elusive, and threatened species that are highly 
challenging to detect (Dirzo et al. 2014). Accordingly, an ongoing concern is whether this 
megafaunal dark diversity has been correctly measured, or overestimated as a result of non-
detection of remaining individuals by traditional sampling methods. The answer to this 
question has significant implications in terms of management and conservation, as the 
presence of previously undetected individuals may require immediate action to prevent 
extirpation of remnant individuals, while the confirmed absence of species requires different 
management considerations (Lewis et al. 2017). 
Detecting species occurrences and extirpations is more challenging in the ocean than 
on land, since most habitats remain hardly accessible and therefore poorly investigated 
(Webb & Mindel 2015). Similarly, accurate assessment of dark diversity is particularly 
problematic for low density, mobile species such as sharks. Sharks are one of the most 
threatened marine taxa (Davidson & Dulvy 2017). They often have a high intrinsic 
vulnerability to fishing due to slow population growth (Hobday et al. 2011) and with shark 
products such as dried fins reaching high commercial value (up to $1,697 kg-1), they have a 
high exposure to international trade (McClenachan et al. 2016). Throughout the Pacific, the 
density of reef sharks has declined to 3–10% of pre-human levels (Nadon et al. 2012) and 
even the most well-managed Marine Protected Areas (MPAs) appear inadequate in 
maintaining healthy shark populations (Davidson & Dulvy 2017; Juhel et al. 2017).  
It is unclear, however, if reported levels of dark diversity of sharks are due to local 
extirpations, or to a failure to detect remaining animals. Similar to most terrestrial 
vertebrates, sharks exhibit learning abilities linked to avoidance behaviour, and repeated 
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exposure to negative anthropogenic interactions may increase their elusiveness (Mourier et 
al. 2017). This raises the possibility that sharks’ prevalence in marine habitats, even close to 
humans, may be greater than previously thought, with individuals being less detectable, 
therefore over-inflating the apparent level of dark diversity. 
Environmental DNA (eDNA) analysis is based on the retrieval of genetic material 
naturally released by organisms in their environments and is emerging as a non-invasive 
method to detect and identify even rare and elusive species in a wide range of ecosystems 
(Bohmann et al. 2014), including marine waters (Miya et al. 2015; Thomsen et al. 2016). 
Here we assessed the potential of eDNA metabarcoding in providing a more accurate 
estimate of the dark diversity of sharks on coral reefs of the New Caledonian archipelago, by 
contrasting eDNA analysis with traditional Underwater Visual Censuses (UVC) and Baited 
Remote Underwater Video Stations (BRUVS) survey methods. 
 
3.3 Results & Discussion 
 Lower dark diversity than previously estimated 3.3.1
Out of 26 historically present species in the regional pool (Tirard 2011), only nine species of 
sharks were detected in 2,758 UVCs and 385 BRUVS (Fig. 3.1A-C). The dark diversity of 
sharks was thus initially estimated at 65% of the regional pool (i.e. 17 species were not 
detected) using traditional survey methods. Despite two orders of magnitude less sampling 
effort, eDNA detected 44% more species than UVC or BRUVS; with only 22 samples, 13 
shark species were detected, reducing the previously estimated dark diversity to 50% of the 
regional pool (13 undetected species). Six species were only detected by eDNA, three species 
only by UVC and BRUVS (of which, one species only by BRUVS), while six species were 
detected by all three methods (Fig. 3.2). 
Sharks were observed in only 15% of UVCs (N=405 out of 2,758) and 54% of BRUVS 
(N=207 out of 385) (Fig. 3.1D). Furthermore, shark diversity was low for each sample, with 
only 3% of UVCs and 23% of BRUVS recording more than one species. When excluding the 
two most common species, the grey reef shark (Carcharhinus amblyrhynchos) and the 
whitetip reef shark (Triaenodon obesus), other shark species were observed in only 2% of 
UVCs and 13% of BRUVS.  
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In contrast, sharks were detected in 91% of eDNA samples (Fig. 3.1D), with 64% of 
samples revealing at least two species. No sharks were detected in the negative controls (see 
Methods). Even after excluding grey reef and whitetip reef sharks, 68% of eDNA samples 
revealed one or more shark species. The mean shark diversity per sample was significantly 
different between techniques (Kruskal-Wallis, p<0.001), with eDNA detecting at least three 
times more species (2.5±1.9; Dunn’s tests, p<0.001; Fig. 1E) than BRUVS (0.8±0.8) and 
UVCs (0.2±0.5). These results suggest that the level of dark diversity of sharks on New 
Caledonian coral reefs is much lower than previously estimated with traditional techniques. 
  

































Figure 3.1 Sampling design and analyses of surveys across the New Caledonian archipelago, South-
Western Pacific. (A) Sampling design in the New Caledonian archipelago (red stars = environmental 
DNA – eDNA, blue pentagons = Baited Remote Underwater Video Stations – BRUVS, and green 
dots = Underwater Visual Censuses – UVC. (B) Sample size. UVC: N=2,758. BRUVS: N=385. 
eDNA: N=22. (C) Cumulated number of shark species detected. (D) Frequency of samples with 
sharks detected. (E) Violin plot showing detected shark species richness, significantly different 
between techniques (Kruskal-Wallis, p<0.001), with eDNA detecting more shark species (2.5±1.9) 
compared to BRUVS (0.8±0.8) and UVC (0.2±0.5) (Dunn’s tests, p<0.001). White dots are mean 
values; thick black bars correspond to interquartile ranges; thin black lines are 95% confidence 
intervals. 
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For any given time-interval, environmental DNA detects biodiversity at a greater spatio-
temporal scale than the traditional methods used in this study; this may de facto increase the 
number of species detected by eDNA analysis (Goldberg et al. 2016). For example, UVCs 
sample limited visual areas (<500m2), within specific habitats, over short temporal periods 
(<2h) (D’agata et al. 2016). Similarly, although the bait plume from BRUVS can attract 
sharks from surrounding habitats, their detection capabilities are constrained by limited visual 
range (<50m) and operation time (a few hours) (Juhel et al. 2017). Contrastingly, eDNA may 
detect species at a greater temporal scale (a few hours to a few days) due to the persistence of 
cellular material in the water (Minamoto et al. 2017; Thomsen, Kielgast, Lars L. Iversen, et 
al. 2012). Moreover, as water masses are in constant movement (particularly along the outer 
slopes of coral reefs), eDNA transported from different habitats (e.g. open ocean) could 
potentially result in an overestimation of species richness in a given habitat. However, apart 
from occasional coral reef transients (e.g. the great hammerhead, Sphyrna mokarran), all 
shark species detected by eDNA are regularly observed in coral reefs habitats (Compagno et 
al. 2005) (Fig. 3.2). As such, it is unlikely that our diversity estimate has been inflated by 
oceanic inputs of external eDNA. Moreover, recent studies have indicated that eDNA 
analysis is powerful enough to distinguish species assemblages separated by small distances, 
even when comparing inshore and offshore habitats (Port et al. 2016; O’Donnell et al. 2017). 
  






































Figure 3.2 Detection of shark species among methods. Venn diagram 
showing the species detected by environmental DNA – eDNA (N=22 
samples, S=13 species), Underwater Visual Censuses – UVC (N=2,758 
samples, S=9 species) and Baited Remote Underwater Video Stations – 
BRUVS (N=385 samples, S=9 species). Scientific drawings courtesy of 
Marc Dando. 
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 Persisting shark populations in human-impacted areas 3.3.2
Scientific literature has repeatedly highlighted the footprint of anthropogenic activities on 
shark populations worldwide (e.g. (Edgar et al. 2014; Robbins et al. 2006)). Similarly, 
BRUVS and UVC surveys suggest that sharks are quasi-absent near Nouméa, the capital city 
of New Caledonia (D’agata et al. 2016). Human-induced behavioural changes have been 
observed in both terrestrial (Frid & Dill 2002) and marine vertebrates (French et al. 2011). 
Behavioural changes in fish, due to differential responses to diver presence, may result in an 
overestimation of fish densities in marine reserves, and an underestimation in impacted areas, 
(Goetze et al. 2017). Little is known about the extent of similar behavioural sampling bias in 
sharks (Mourier et al. 2017). However, our results suggest that this bias may play a role in 
shark detection, particularly near densely populated areas, where eDNA detected a 
significantly greater diversity of sharks compared to UVCs and BRUVS (Fig. 3.3A, Kruskal-
Wallis test, p<0.001, Dunn’s tests, p<0.001). Failure of traditional methods to detect 
comparative levels of shark diversity around human-populated areas may be a reflection of 
more than just low shark densities, but also of avoidance behaviour in remaining individuals. 
Conversely, as sharks in relatively undisturbed areas may display curiosity or naivety (Goetze 
et al. 2017), we would expect BRUVS and UVCs to reveal high shark diversity in 
‘wilderness’ areas located over 20 hours travel time from the main regional city (D’agata et 
al. 2016; Maire et al. 2016). However, eDNA detected three times more species in these areas 
(3.1±2.0) than BRUVS (1.3±0.8) and UVCs (0.9±0.8; Fig. 3.3B; Kruskal-Wallis test, 
p<0.001, Dunn’s tests, p=0.001), demonstrating that eDNA appears more effective at 
estimating dark diversity, even when animal behaviour may bias direct observations 
positively or negatively. Due to spatial heterogeneity of our sampling design between the 
three techniques (Fig. 3.1A), we performed the same analysis for overlapping collection sites, 
and found very consistent results (Supplementary material 3.1). 
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Figure 3.3 Number of shark species per sample in contrasts of human impacts. Violin plot showing 
detected shark species richness by the different methods in (A) impacted areas (Nouméa, the capital 
city), and (B) ‘wilderness’ areas (Chesterfield, D’Entrecasteaux, Great Northern Lagoon, Petri and 
Astrolabe). White dots are mean values; thick black bars correspond to interquartile ranges; thin black 
lines are 95% confidence intervals. Differences between methods are highly significant for both types 
of areas (Kruskal-Wallis tests, p<0.001), with eDNA detecting more species per sample than BRUVS 
and UVC (Dunn’s tests, p<0.001). 
 
 
 Increased species detectability revealed by rarefaction curves 3.3.3
Regional species diversity may be assessed by rarefaction curves linking the number of 
detected species to sampling effort (Gotelli & Colwell 2001). Rarefaction curves associated 
with the three methods (UVC, BRUVS and eDNA) were fitted using six models with 
contrasted features (asymptotic vs. non-asymptotic; two vs. three parameters). The best 
model was non-asymptotic (power) for UVC-based survey, and asymptotic for BRUVS and 
eDNA surveys (negative exponential and rational function respectively) (Table 3.1). The 
rarefaction curve for BRUVS reaches nine species for the New Caledonian archipelago after 
385 samples (Fig. 3.4B-C). We then fitted the same asymptotic model (rational function) to 
the three rarefaction curves to compare their asymptotes. We show that doubling BRUVS 
sampling effort would result in the detection of only a single additional species (Table 3.1 & 
Fig. 3.4D). Meanwhile, the rarefaction curve for UVC attains nine species after 2,758 UVCs 
(Fig. 3.4B-C). According to the common model, doubling the number of UVCs would be 
required to detect one additional shark species (Table 3.1 & Fig. 3.4D), and both BRUVS and 
UVCs rarefaction curves plateau at ten species. Contrastingly, a few hundred eDNA samples 
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could provide an accurate assessment of regional shark diversity (Fig. 3.4B-D, Table 3.1), 
requiring much less time and equipment than traditional survey methods, and rapidly 
revealing a considerable proportion of unseen shark species by classical methods that tend to 
overlook rare and elusive species in regional inventories (Fig. 3.4A). In addition, eDNA 
sampling was only conducted during three months in 2015, while BRUVS were deployed 
over a three-year period (2012 to 2014) and UVC surveys were conducted between 1986 and 
2014, reinforcing the potential of eDNA metabarcoding. Indeed, our results are very 
conservative in the sense that traditional methods were carried out over a large spatio-








Table 3.1 Models fitted for species rarefaction curves obtained from Underwater Visual Census 
(UVC), Baited Remote Underwater Video Station (BRUVS) and environmental DNA (eDNA), using 
the nls function in the stats package and the Akaike Information Criterion corrected for small sample 
bias (AICc, package AICmodavg). Best fitting models are in bold characters and the overall best 
fitting common model is in red. 
  




UVC BRUVS eDNA 
Power 𝑆 = 𝑎𝑋𝑏 No 2 -4345 528 14 
Exponential 𝑆 = 𝑎 + 𝑏 log(𝑋) No 2 -191 210 23 
Negative exponential 𝑆 = 𝑎(1 − 𝑒−𝑏𝑋) Yes 2 4940 281 24 
Negative exponential 𝑆 = 𝑎 + (𝑏 − 𝑎)𝑒−𝑐𝑋 Yes 3 -609 -675 -19 
Monod 𝑆 = 𝑎/(1 + 𝑏𝑋−1) 
Yes 2 2321 -185 -5 






























 Limits and uncertainty of species detection 3.3.4
Using the 127-bp COI fragment, we did not find an unequivocal correspondence between 
Molecular Operational Taxonomic Units (MOTUs) and species, as some MOTUs had 100% 
sequence identity matches with multiple species in the BOLD database (Bakker et al. 2017). 
This issue mainly concerns the Carcharhinus genus, recognized to be taxonomically 
problematic and polyphyletic (Sorenson et al. 2014). Therefore, although 16 different shark 
MOTUs were identified, we opted for the conservative approach of merging MOTUs to 
present the minimum species richness (13 species). With a trade-off between primer 
universality and taxonomic resolution (Thomsen et al. 2016), the imperfect nature of 
currently available metabarcoding primers introduces a degree of uncertainty regarding the 
identification of certain species (Stat et al. 2017). 
Only three species (tiger, scalloped hammerhead and nurse sharks) that were observed by 
UVC and/or BRUVS, were not detected by eDNA (Fig. 3.2). The primers used in this study 
Figure 3.4 Sample-based rarefaction curves. (A) Theoretical illustration of dark diversity measured 
by traditional methods, simply unseen but illuminated by eDNA, revealing a lower amount of dark 
diversity (absent species). Rarefaction curves showing accumulated sampled shark diversity measured 
by the different techniques (green = Underwater Visual Census – UVC, blue = Baited Remote 
Underwater Video Stations – BRUVS, and red = environmental DNA – eDNA): (B) based on all 
samples, (C) zoomed in to 30 samples. Error bars indicate standard deviation. (D) Estimated 
rarefaction curves for UVC, BRUVS and eDNA when increasing sampling effort, based on the best 
common model (rational function). 
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have already been shown to be capable of amplifying eDNA from both Sphyrnidae 
(hammerhead sharks) and Galeocerdo cuvier (tiger shark), but not Ginglymostomatidae 
(nurse sharks), explaining the absence of Nebrius ferrugineus (tawny nurse shark) from 
eDNA detections (Bakker et al. 2017). Previous studies have indicated that hammerhead and 
tiger sharks only occur at very low densities in New Caledonia (Juhel et al. 2017). Even 
though our results show the power and potential of eDNA for the detection of shark diversity, 
our sampling effort was insufficient for an exhaustive survey, due to stochasticity in PCR and 
sequencing, but also because these species may not have been present at the specific location 
and time of sampling. It is thus very likely that increasing eDNA sampling effort would 
detect them in New Caledonia, as the rarefaction curves show that eDNA can outperform the 
other methods in terms of species detectability (Juhel et al. 2017), but additional work on 
refining the design of primers is needed to cement eDNA as a standard tool for the study of 
dark diversity of sharks. 
There are also important caveats associated with eDNA detection and traditional survey 
methods still have a number of advantages over eDNA methodologies. Foremost, eDNA-
based methods cannot provide information on size, condition, developmental stage (eggs, 
larvae, juveniles, adults), sex, behavior and movement patterns of the target organism. 
Furthermore, when using typically maternally inherited mitochondrial markers, it remains 
impossible to distinguish hybrids, which may be the result of breeding between native and 
invasive species, from their maternal species. Finally, inferring species abundance from 
eDNA still remains a challenging but promising avenue and is a key area for further research 
(Bakker et al. 2017; Jo et al. 2017; Yamamoto et al. 2016). 
 
 New light for megafauna conservation 3.3.5
In this study, we highlight the potential of eDNA metabarcoding for the rapid assessment of 
elusive megafauna species richness, and for the first time, for the determination of the extent 
of purported local species extirpations. We call for the introduction of eDNA assessments to 
complement traditional survey methods for the improvement of species detection, and hence, 
more efficient conservation strategies for threatened and elusive megafauna.  
Firstly, environmental DNA allows for the reappraisal of previous estimates of 
species occurrences, which are used to define Criteria B of IUCN Red List Categories. With 
46.8% of shark species data deficient in IUCN assessments (Dulvy et al. 2014), this 
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knowledge may markedly aid Red List classifications, and the design and implementation of 
future conservation measures. For instance, a species is classified as Vulnerable if its extent 
of occurrence, i.e. its continuous geographic range, is less than 20,000 km2 and declining. 
This kind of assessment is hardly achievable, trustable and repeatable with traditional 
sampling methods owing to low detectability. However, eDNA provides an affordable, 
powerful and standardized tool to assess large-scale occurrences, even for elusive megafauna. 
IUCN classification can also be based on population size (Criteria C) and, while much more 
research is needed in this field, quantitative methods to infer eDNA concentration offer 
promise towards good estimates of relative abundance (Yamamoto et al. 2016; Lacoursière-
Roussel et al. 2016). Alternative approaches include detecting and distinguishing individuals 
of a given population as a measure of abundance. Differentiating populations from a single 
shark species has recently been achieved using eDNA (Sigsgaard et al. 2016). This strategy, 
even in its infancy, opens a new era in the field of population genetics using eDNA and in 
population size assessment potentially fuelling IUCN Criteria C. Monitoring shark 
populations of New Caledonia may greatly benefit from such methodological advances since 
the effectiveness of conservation efforts is still under scrutiny for megafauna (Juhel et al. 
2017; Bauer et al. 2015). 
Additionally, increased knowledge of dark diversity may guide the direction of 
conservation-based decision-making (Lewis et al. 2017). To halt biodiversity loss, it is 
imperative to understand why some species are missing from areas where biogeographic 
history, as well as current ecological and environmental conditions, predict their presence. 
Seeking for common characteristics (e.g. ecological needs, dispersal ability, body size) 
among species constituting the dark diversity can help identifying key determinants of 
vulnerability, decline, or extirpation, and guide appropriate management strategies 
(Moeslund et al. 2017). High proportions of dark diversity in a given region or area indicate 
the need for widespread conservation efforts across multiple species, while low proportions 
of dark diversity suggest that more tailored solutions are required to reduce pressures on 
specific species apparently missing. Areas showing high observed diversity and low dark 
diversity can be considered as refugia, and thus potential sources for recolonization. 
Consequently, such areas deserve high conservation priority (Lewis et al. 2017; Pärtel et al. 
2013). By contrast, areas with relatively high dark diversity compared to the observed species 
richness need restoration efforts focusing on mitigation of species threats and increasing 
connectivity. In New Caledonia, mapping and monitoring the dark related to the observed 
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diversity of sharks along human gradients would provide a relevant indicator of wildlife 
status to inform management. 
Large-scale efforts to restore local species pools are more feasible in terrestrial than in 
marine environments. For example, creating habitat connectivity to promote species re-
establishment has previously been shown to be successful (e.g. (Di Minin et al. 2013)). 
However, this requires alleviation of the original stressors (through, for instance, protected 
areas) to avoid impacting newly reconnected populations (Di Minin et al. 2013). Assisted 
reintroduction is another potential solution in terrestrial habitats, albeit costly and 
controversial (Seddon et al. 2014; Weise et al. 2014). As there are less manipulative solutions 
for the marine environment, the discovery of remaining individuals close to human-impacted 
areas requires more immediate, alternative actions, such as the establishment of marine 
reserve networks, connecting suitable habitats, in order to preserve the remainder of the 
species and increase population densities by decreasing threats. Environmental DNA will 
most likely prove progressively useful in marine conservation, and hence, will be playing an 
increasingly important role in the formulation of policies to aid species conservation. 
 
3.4 Materials & Methods 
 Study sites.  3.4.1
The New Caledonian archipelago is located in the south-western Pacific Ocean (Fig.3.1A). It 
is comprised of ‘Grande Terre’ surrounded by one of the largest barrier reefs in the world, 
and numerous isolated islands and remote reefs. Sampling occurred across the New 
Caledonian Archipelago, including waters from the Coral Sea Marine Park. Study areas 
encompassed a gradient of human density, from high population density (near the capital, 
Nouméa), to wilderness reefs at >20h travel time from the main regional city (Chesterfield 
Reefs, D’Entrecasteaux Reefs, Astrolabe Reefs, Petri, Great Northern Lagoon (Juhel et al. 
2017; D’agata et al. 2016; Maire et al. 2016)). The regional pool of sharks in New Caledonia 
is inventoried at 49 species, including 26 shallow water species (Tirard 2011). 
 
  77 
 Underwater Visual Census and Baited Remote Underwater Video 3.4.2
Station datasets 
Underwater Visual Census (UVC) and Baited Remote Underwater Video Stations (BRUVS) 
protocols used in this study are described in detail in (D’agata et al. 2016) and (Juhel et al. 
2017). Here, 2,758 UVCs were conducted by day in various coral reefs habitats at 1-15 m 
depth from 1986 to 2014 (Fig.3.1A). 385 BRUVS (Harvey et al. 2007) were deployed by day 
at a mean depth of 16 m (± 10 m SD; range = 3-48 m), in different coral reef habitats between 
September 2012 and October 2014. BRUVS are video systems that record for one hour in the 
presence of standardized bait (1 kg pilchards). Shark occurrence was measured through video 
analysis, and species identification was double-checked by trained operators. 
 
 eDNA collection and sample processing.  3.4.3
Environmental DNA samples were collected during September-November of 2015, on coral 
reef external slopes, with a reef topography ranging from 20 – 40 m. Each four-litre water 
sample consisted of two litres sampled at 5 m depth and two litres at 20 m depth, collected 
with a Niskin water sampler. After collection, water samples were individually covered and 
stored on ice prior to filtration. Water was subsequently filtered using sterile mixed cellulose 
esters (MCE) filters (Merck Millipore; 47mm diameter; 0.45 μm pore size), then stored at -
20°C in 2.0 ml screw-cap microcentrifuge tubes containing silica beads, drying out the filters 
and preventing DNA degradation (Bakker et al. 2017). DNA was extracted from the filters 
using the DNeasy PowerSoil DNA Isolation Kit (Qiagen), following the manufacturer’s 
protocol. Purified extracts were assessed for DNA concentration in a Qubit fluorometer 
(Thermo Fisher Scientific).  
Strict adherence to contamination control was followed at all field and laboratory 
stages in order to prevent the occurrence of contamination, including the use of disposable 
gloves and single use-sterile collection bottles and filtration equipment, and the bleaching 
(50% bleach) of sampling devices and laboratory equipment and surfaces. Additionally, a 
dedicated controlled eDNA lab at the University of Salford, with separate rooms designated 
for the physical separation of eDNA extraction, pre-PCR preparations and post-PCR 
procedures, was used for all laboratory work. To identify any potential contamination, 
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negative-control DNA extraction blanks (elution buffer from extraction kit) and PCR blanks 
were also ran (Bakker et al. 2017). 
 
 Library preparation and sequencing 3.4.4
An elasmobranch-specific cytochrome c oxidase I (COI) primer set was used for the 
amplification of eDNA metabarcoding markers. The previously published primer set 
consisted of a novel reverse primer ‘Shark COI-MINIR’ 5’-
AAGATTACAAAAGCGTGGGC-3’ (46) and two universal fish barcoding forward primers 
FishF2 5’-TCGACTAATCATAAAGATATCGGCAC-3’ and FishF1 5’-
TCAACCAACCACAAAGACATTGGCAC-3’ (Fields et al. 2015; Ward et al. 2005), 
yielding an amplicon of 127 bp. Samples were sequenced in a single multiplexed Illumina 
MiSeq run, along with samples from a related project, which are not included in this study, 
for a total of 96 samples including two negative controls, using four sets of 24 primers with 
attached 8-base sample-specific oligo-tags differing in at least three bases (Supplementary 
material 3.2) (Guardiola et al. 2015). To increase variability of the amplicon sequences, a 
variable number (two, three or four) of fully degenerate positions (Ns) was added at the 
beginning of each primer (Wangensteen & Turon 2017). The full, sequenced PCR product, 
consisted of 195 bp, including the amplicon, primers, sample tags and leading Ns. 
For PCR amplification, a single step protocol was used, directly attaching the 8-base 
tagged primers. The PCR mix recipe was as follows: a total volume of 20 μl included 2 μl 
10x buffer (BioLine), 0.6 μl 50 mM MgCl (BioLine), 0.5 μl of each of the 5 μM forward 
primers (Eurofins), 1 μl of the 5 μM reverse primer, 0.2 μl 10 mM dNTP mix (BioLine), 0.2 
μl BioTaq DNA polymerase (5 u/μl, BioLine), a standardized amount (10 ng) of the filter-
extracted eDNA template, and 13 μl sterile water. The PCR profile included an initial 
denaturing step of 95ºC for 15 min, 35 cycles of 94ºC 1 min, 52ºC 1 min and 72ºC 1 min and 
a final extension step of 72ºC for five minutes. The quality of all amplifications was assessed 
by electrophoresis, running the products through a 1.5% agarose gel stained with GelRed 
(Cambridge Bioscience) and visualized on a UV light platform. All PCR products (including 
two PCR negative controls, were pooled by marker into four multiplex sample pools and 
purified using MinElute columns (Qiagen). Four Illumina libraries were subsequently built 
from the four pools, using the NextFlex PCR-free library preparation kit (BIOO Scientific). 
The libraries were quantified using the NEBNext qPCR quantification kit (New England 
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Biolabs) and pooled in equimolar concentrations along with 1% PhiX (v3, Illumina) serving 
as a positive sequencing quality control. The libraries with a final molarity of 8 pM were 
sequenced on an Illumina MiSeq platform in a single MiSeq flow cell using v2 chemistry (2 
x 150 bp paired-ends). 
 
 Bioinformatics analyses  3.4.5
The bioinformatic analysis was based on the OBITools metabarcoding software suite (Boyer 
et al. 2016). The pipeline used for data analysis is summarized in Supplementary material 
3.3. Quality of the reads was assessed using FastQC. Paired-end reads were aligned using 
illuminapairedend, and alignments with quality scores >40 were kept. The aligned dataset 
was demultiplexed using ngsfilter. A length filter (obigrep) was applied to the aligned reads 
(120-135 bp) and reads containing ambiguous bases were removed. The reads were then 
dereplicated using obiuniq and a chimera removal step was performed using the uchime-
denovo algorithm (Edgar et al. 2011) implemented in vsearch (Rognes et al. 2016). The 
Molecular Operational Taxonomic Units (MOTUs) were delimited using the sumaclust 
algorithm (Boyer et al. 2016) with a constant similarity threshold of 99%. Taxonomic 
assignment of the representative sequences for each MOTU was performed using the ecotag 
algorithm (Boyer et al. 2016). We built a bespoke elasmobranch reference database using a 
custom R script for retrieving all COI elasmobranch sequences available from the BOLD 
database (Ratnasingham & Hebert 2007), and subsequently selecting those that included our 
127 bp target fragment. The custom R script is available from 
http://github.com/metabarpark/R_scripts_querying_databases. In order to add homologous 
sequences from other, non-elasmobranch taxa, an in silico PCR was performed against 
release R117 of the EMBL-EBI database using ecoPCR (Ficetola et al. 2010). Subsequently, 
the obtained reference sequences were added to the elasmobranch sequences obtained from 
BOLD. These additional reference sequences were added to our elasmobranch database to 
avoid the incorrect assignment of amplified sequences, belonging to other taxa, to 
elasmobranchs. This combined reference database is available from 
http://github.com/metabarpark/Reference-databases. The final refining of the dataset included 
taxonomy clustering of MOTUs assigned to the same species.  
The risk of contamination adds to the challenges associated with eDNA 
metabarcoding (Goldberg et al. 2016; Thomsen & Willerslev 2015), with the possibility of 
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introducing false positive results. It is likely to detect a species represented by a single 
sequence read in a sample, but the possibility of contamination or sequencing error cannot be 
excluded as the potential cause of MOTU detection. We subsequently adopted a conservative 
approach to our analyses and removed single read MOTUs from our samples to avoid 
potential false positives. 
 
 Statistical analyses  3.4.6
Given the violation of the normality assumption and the unbalanced design with different 
number of samples depending on the techniques, Kruskal-Wallis tests followed by Dunn’s 
tests were performed to test for differences in shark diversity per sample among techniques. 
The vegan package was used for rarefaction analyses followed by model fitting using the nls 
function in the stats package and the Akaike Information Criterion corrected for small sample 
bias (AICc, package AICmodavg). Models were fitted for the three methods independently 
(UVC, BRUVS and eDNA, Table 3.1), subsequently, a common model was selected by 
comparing AICc for the three methods simultaneously.  Statistical analyses were performed 
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4.1 Abstract 
The understanding of marine communities and their functions in an ecosystem relies heavily 
on our ability to detect and monitor species distributions and abundances. However, one of 
the most critical issues in marine conservation is the lack of efficient and reliable tools to 
comprehensively assess and quantify biodiversity. Currently, the use of environmental DNA 
(eDNA) metabarcoding is increasingly being applied for the rapid assessment and monitoring 
of aquatic species. But this has thus far mostly pertained to the identification of a few specific 
taxa or groups simultaneously. However, the application of eDNA on a much broader 
taxonomic scale, such as for the description of complete marine eukaryotic communities, 
may be greatly beneficial for a more holistic perception of biodiversity and ecosystem 
functioning. Here we investigate the potential of eDNA COI metabarcoding, for the 
characterisation of the biodiversity of complex natural marine communities in tropical coastal 
shelf habitats. We screened 67 samples from five Caribbean locations and detected a high 
level of species richness. However, a disproportionally large number of eukaryote taxa 
remained unassigned, suggesting that the sampled communities host an astonishing amount 
of yet undescribed micro-eukaryotic diversity. Nonetheless, it was possible to characterize 
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4.2 Introduction 
The foundation for ecosystem research and the effective management of biodiversity in 
natural systems is the knowledge of what species are present in that ecosystem (Mace et al. 
2012). And while rapid assessment and monitoring of biodiversity are imperative, the time 
and resources required to generate the necessary data are a major constraint in ecological 
research and conservation management. Marine habitats cover >70% of the Earth’s surface 
and constitute one of the vastest and richest biomes. Most recent estimates, all based on 
indirect approaches, suggest that there are millions of marine eukaryotic species (Appeltans 
et al. 2012; Costello et al. 2012; Mora et al. 2011), with the vast majority being small (< 
1mm), cryptic and currently unknown to science (Leray & Knowlton 2016). Accordingly, 
there is a pressing need to measure marine biodiversity and to quantify the rate at which it is 
changing. However, many traditional survey methods are inefficient, selective, potentially 
destructive, and dependent on a declining taxonomical expertise (Wheeler 2004), indicating 
the need for alternative methods for biodiversity assessment and monitoring of aquatic 
species. 
 Molecular based methods are revolutionizing the analysis of biodiversity, as they 
offer advantages over traditional visual morphological survey methods. Recent developments 
in metabarcoding, coupled with high-throughput sequencing, have made it possible to detect 
thousands of species present in both bulk samples, and in samples of environmental DNA 
(eDNA), such as soil, sediment, air, and water. Environmental DNA metabarcoding utilizes 
universal PCR primers to mass-amplify informative, orthologous gene regions (DNA barcode 
sequences) from complex samples. These are subsequently sequenced and identified using 
molecular reference databases (Hajibabaei et al. 2011; Taberlet et al. 2012). Metabarcoding 
approaches have been successfully employed to characterize specific marine plankton 
communities in natural seawater samples, such as zooplankton, mesozooplankton and full 
eukaryotic plankton diversity (Djurhuus et al. 2018; Deagle et al. 2017; Chain et al. 2016; 
López-escardó et al. 2018; de Vargas et al. 2015; Villarino et al. 2018). Marine benthic 
communities have also been characterized, including communities from soft sediments, 
containing mostly small-sized organisms, (Guardiola et al. 2015; Lejzerowicz et al. 2015; 
Pawlowski et al. 2014), and hard-bottoms (Leray and Knowlton, 2015; Wangensteen, 
Palacín, Guardiola, 2017), featuring complex eukaryotic communities with body sizes 
spanning several orders of magnitude. 
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There are many potential benefits that eukaryotic, whole-community metabarcoding 
of marine eDNA could bring to biodiversity assessment and monitoring, such as using direct 
measurements of biodiversity, instead of relying on biodiversity indicators (Aylagas et al. 
2016; Djurhuus et al. 2017; Lindenmayer & Likens 2011; Rees et al. 2014). Additionally, as 
it would allow for the detection of virtually all species without a priori knowledge of their 
presence in a water body, it can be used for the detection of ‘hidden diversity’ in species 
assemblages (Lindeque et al. 2013), and as such, as a powerful tool in the early detection of 
alien species (Zaiko et al. 2015), and of community structure changes in response to 
environmental disturbances (Bik et al. 2012; Bucklin et al. 2016). Moreover, the gains in 
cost-effectiveness, reproducibility, comprehensiveness, and the potential of multiple trophic 
levels being evaluated simultaneously, could make it easier to implement large-scale 
monitoring of biodiversity trends (Bourlat et al. 2013). Such approaches to community 
assessment could greatly assist efforts associated with environmental management, 
biodiversity conservation and policy-making (Baird et al. 2012; Chain et al. 2016; Goodwin 
et al. 2017). 
Studies targeting marine eukaryotic community diversity have as of yet been very 
scarce (Djurhuus et al. 2017; Drummond et al. 2015; Kelly et al. 2016). And while the use of 
a single marker would add to the cost and resource-effectiveness of eukaryotic eDNA 
community metabarcoding, it requires a nearly-universal primer set, capable of amplifying 
the wide taxonomic array present in any eukaryotic community, while excluding the 
amplification of prokaryote taxa. Few recent studies have employed the COI (cytochrome 
oxidase I) marker region (Hebert, Ratnasingham, et al. 2003) for this purpose (Deagle et al. 
2017; Leray & Knowlton 2017), but universal primers have usually been restricted to 
markers with more conserved regions such as the nuclear small-subunit 18S rRNA region 
(Guardiola et al. 2015) and the mitochondrial 16S region (Kelly et al. 2016). Metabarcoding 
studies of marine zooplankton have used various regions of both 18S and 28S, but due to 
their relatively conserved sequences, it is often impossible to distinguish taxa at the species, 
genus or even family level (Tang et al. 2012). Consequently, these markers underestimate 
species diversity, while species-level resolution may be essential for the description of 
community structure, the detection of rare or invasive species (Comtet et al. 2015; Aylagas et 
al. 2016), and the implementation of monitoring-based management and conservation 
measures. In particular because species level identification will provide more information 
towards the evaluation of the nature of potential community changes and the biological 
and/or environmental mechanisms responsible for these changes (Mackas & Beaugrand 
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2010). The identification of cold vs. warm water species for example, may help identify 
changes in local water temperatures. 
Therefore, more variable markers, with broad taxonomic resolution, are required for 
community wide, high-resolution discrimination of species. The mitochondrial COI barcode 
region is one of the most commonly used regions for the analysis of species diversity among 
marine animals (Bucklin et al. 2011). While the use of COI as a metabarcoding marker has 
been criticized, arguing that the high rates of sequence variability impair the design of truly 
universal primers and hamper the bioinformatic analysis (Deagle et al. 2014), currently no 
other genetic region is represented in taxonomically verified databases with sequences 
covering the same number of taxa. Moreover, the high mutation rate of COI may ensure 
unequivocal identification at the species level across the vast majority of taxa. Although no 
gold standard universal metabarcoding primer set, for highly variable markers such as COI, 
that is able to amplify the full taxonomic range of a eukaryotic community has been 
identified (Coissac et al. 2012; Deagle et al. 2014; Riaz et al. 2011), it has been shown that 
the taxonomic coverage and resolution provided by degenerate COI primers (primer sets that 
have one or more degenerate positions incorporated in either one or both of the forward and 
reverse primers), make them valuable metabarcoding markers for biodiversity assessment 
(Elbrecht & Leese 2016; Clarke et al. 2017). Most recently, a degenerated version of the 
established COI internal primer set (Leray et al. 2013) amplifying a 313 bp region, has been 
described (Wangensteen, Palacín, Guardiola, 2017). This ‘Leray-XT’ primer set features a 
high number of degenerate positions, including 2 deoxyinosine nucleotides (a nucleotide that 
complements any of the four natural bases) in the fully degenerated sites of the sequence, 
enhancing universality in the amplification of the COI fragment in most eukaryotic groups. 
These primers have been shown to reveal greater biodiversity through increased resolving 
power at the species level, compared to 18S primers applied to the same samples 
(Wangensteen, Palacín, Guardiola, 2017). 
Here, we evaluate the pertinence of the Leray-XT primer set, for the assessment of 
marine eukaryotic biodiversity in taxonomically complex water samples. We applied 
metabarcoding of total eDNA extracted from natural, unfractionated marine water samples, in 
an attempt to characterize the eukaryotic community, profile biodiversity and to assess spatial 
patterns among and between five different locations in the Caribbean basin.  
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4.3 Material & Methods 
 Water sampling 4.3.1
Field sampling was devised to test whether spatial patterns of eukaryotic biodiversity could 
be detected across five Caribbean locations (Figure 1). In Belize sampling took place around 
the partially submerged Glover’s Reef atoll, which is part of the Mesoamerican Barrier Reef. 
In the Turks & Caicos Islands, samples were collected around South Caicos. In the Bahamas, 
the sampling was conducted around the islands of Bimini. In Jamaica the two main sampling 
areas where Montego Bay and Discovery Bay, and in the British Virgin Islands, samples 
were collected around Tortola, Virgin Gorda and Eustatia Island. Within each location, 
samples were collected from different types of habitats (See supplementary material 1 for 
sampling specifics). During February and March of 2015 (Jamaica, Belize, Turks & Caicos 
and The Bahamas), and February and March 2017 (British Virgin Islands), a total of 68 water 
samples, of 4 litres each, were collected with either a Kemmerer type water sampler or 










 Sample processing and DNA extraction 4.3.2
After collection, the water samples were individually covered and stored, in the dark and on 
ice, during transport to the local laboratory facilities. Vacuum filtration was carried out 
within two hours after collection. The sterile mixed cellulose esters (MCE) filters (Merck 
Millipore; 47 mm diameter; 0.45 µm pore size) containing sample filtrates were stored in 2.0 
ml screw-cap microcentrifuge tubes containing silica beads. The silica beads function as a 
desiccator, drying out the filters and hence preventing the DNA from degrading (Bakker et al. 
2017). The advantages of using silica beads instead of a liquid for DNA preservation, 
specifically high-grade ethanol, for DNA preservation are the prevention of leakages and the 
complications related to shipping/traveling with flammables. The sample filters were 
subsequently stored at -20°C until extraction. DNA was extracted from the filters with the 
DNeasy PowerSoil DNA Isolation Kit (Qiagen), following the manufacturers’ protocol. 
Purified extracts were assessed for DNA concentration in a Qubit fluorometer (Thermo 
Fisher Scientific). 
Figure 4.1 Map of Caribbean sampling locations. (BA) Bahamas, (BE) Belize, (BV) British Virgin 
Islands, (JA) Jamaica and (TC) Turks & Caicos.  
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 Library preparation and sequencing 4.3.3
For the 5’ region of COI, we used a novel, highly degenerated primer set (Wangensteen, 
Palacín, Guardiola 2017)  yielding an amplicon of 313 bp. The reverse primer jgHCO2198 5'-
TAIACYTCIGGRTGICCRAARAAYCA-3' (Geller et al. 2013), and a new forward primer 
miCOIintF-XT 5'-GGWACWRGWTGRACWITITAYCCYCC-3', which was modified from 
the miCOIintF primer (Leray et al. 2013) by incorporating two more wobble bases 
(equimolar mixtures of two or more different bases at a given position within the sequence) 
and two inosine nucleotides (capable of base-pairing with any of the four nucleotides) in 
most degenerate positions, in order to increase universality across eukaryotic groups 
(Wangensteen, Palacín, Guardiola 2017). For two multiplex Illumina sequencing runs we 
used primers with attached 8-base sample-specific oligo-tags differing in at least 3 bases 
(Guardiola et al. 2015). In order to increase variability of the amplicon sequences, a variable 
number (2, 3 or 4) of fully degenerate positions (Ns) was added at the beginning of each 
primer (Wangensteen & Turon 2017). The full, sequenced PCR product, consisted then of 
389 bp, including the amplicon, primers, sample tags and leading Ns. For PCR amplification, 
a two-step protocol was used, attaching the 8-base tagged primers, after an initial 
amplification, in the second PCR. The mix recipe for the first PCR included 10 μl AmpliTaq 
Gold DNA polymerase, 1 μl of each 5 μM forward and reverse primers, 0.16 μl bovine serum 
albumin (BSA), 5.84 μl sterile water and a standardised amount (10 ng) of the filter-extracted 
eDNA template, in a total volume of 20 μl per sample. The recipe for the second PCR was 
identical, except that now the forward and reverse 8-base tagged primers were used. The PCR 
profile included an initial denaturing step of 95 ºC for 10 min. 35 cycles of 94 ºC 1 min, 45 
ºC 1 min and 72 ºC 1 min and a final extension step of 5 min at 72 ºC. The profile for the 
second stage PCR was identical. The quality of all amplifications was assessed by 
electrophoresis, running the products through a 1.5% agarose gel stained with Gel Red 
(Cambridge Bioscience) and visualized on a UV light platform. All second stage PCR 
products, including two extraction and two PCR negative controls, were pooled into one 
multiplex sample and purified using the Minelute PCR purification kit (Qiagen). Two 
Illumina libraries were built on separate occasions, one containing the samples from the 
Bahamas, Belize, Jamaica and Turks & Caicos, and one for the samples for the British Virgin 
Islands, as these samples were collected on a separate expedition. The library of the British 
Virgin Islands was run along two other libraries (from an unrelated project), equalizing the 
sequencing depth across all samples by pooling a similar number of samples for each run. 
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The libraries were built using the NextFlex PCR-free library preparation kit (BIOO 
Scientific), quantified using the NEBNext qPCR quantification kit (New England Biolabs) 
and pooled in equal molar concentrations along with 1% PhiX (v3; Illumina) serving as a 
positive sequencing quality control. The libraries with a final molarity of 10 pM were 
subsequently sequenced on an Illumina MiSeq platform, in a single MiSeq flow cell using v2 
chemistry (2 x 250 bp paired-ends).  
 
 Bioinformatic and statistical analysis 4.3.4
The bioinformatic analysis was based on the OBITools metabarcoding software suite (Boyer 
et al. 2016). The pipeline used for data analysis is summarized in Supplementary material 
4.2. Paired-end reads were aligned using illuminapairedend and alignments with quality score 
>30 were kept. The aligned dataset was demultiplexed using ngsfilter, which looks for the 
known individual sample oligo-tag sequences and additionally remove the metabarcoding 
primers from every read, leaving only the amplified fragments. A length filter (obigrep) was 
applied to the assigned reads (300-320 bp) in order to select only the fragments with the 
correct target size. Reads containing ambiguous bases were also removed. The reads were 
subsequently dereplicated using obiuniq, grouping all the identical sequences, while keeping 
track of their abundances. A chimera removal step was performed using the uchime-denovo 
algorithm (Edgar et al. 2011) implemented in vsearch (Rognes et al. 2016). Sequences were 
then clustered into Molecular Operational Taxonomic Units (MOTUs), in order to reflect the 
real species diversity in the samples. These MOTUs were delimited using the step-by-step 
aggregation clustering algorithm implemented in SWARM 2.0 (Mahé et al. 2015) with a d-
value of 13 that has been proven to be most applicable for the Leray fragment (Wangensteen, 
Palacín, Guardiola, 2017). The SWARM 2.0 algorithm results in variable thresholds for 
delimiting MOTUs across different branches of the taxonomic tree, which is particularly 
pertinent with taxonomically highly diverse samples, following the natural organization of 
the clusters in multidimensional sequence space, and includes one final step that breaks 
chained MOTUs that could lead to artificial over clustering and hence to an underestimation 
of MOTU richness values. Taxonomic assignment of the representative sequences for each 
Molecular Operational Taxonomic Unit (MOTU) was performed using the ecotag algorithm 
(Boyer et al. 2016) which uses a bespoke reference local database and a phylogenetically-
based approach for assigning unmatched sequences to the last common ancestor of the most 
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closely related sequences in the reference database. We used a bespoke mixed reference COI 
database (Wangensteen, Palacín, Guardiola 2017), currently containing 191.295 Eukarya 
sequences, retrieved from the BOLD database (Ratnasingham & Hebert 2007) and the EMBL 
repository (Kulikova 2004). The database (db_COI_MBPK) is available from 
http://github.com/metabarpark/Reference-databases. After taxonomic assignment, the final 
refining of the dataset included taxonomy clustering of MOTUs assigned to the same species 
and minimal abundance filtering; unassigned MOTUs with less than 2 reads were discarded. 
 All statistical analyses were performed in R v 3.3.0 (https://www.R-project.org/). 
Calculations of Bray-Curtis dissimilarity matrices (function vegdist) and group representation 
in nMDS diagrams (functions ordiellipse and ordispider) were performed using root-root 
transformed abundance values of frequencies (normalized by dividing MOTU counts by the 
total counts for each sample). The package MASS (Venables & Ripley 2010) was used for 
non-metric multidimensional scaling calculations (function isoMDS). SIMPER analyses were 
performed with the R package Vegan (J. Oksanen et al., 2016) to identify the MOTUs that 





 Read abundances  4.4.1
A total number of 18.745.326 reads was obtained from two Illumina MiSeq runs. After 
sample assignment, quality and sequence-length filtering and removal of singletons, 
2.391.770 reads were left for our 67 samples. The sequencing depth was between 14885-
55610 reads per sample. After testing assumptions of normality and homoscedasticity across 
locations with the Shapiro-wilks (W = 0.98082, n = 68, p-value = 0.38) and Bartlett's tests 
(K-squared = 1.2203, df = 4, p-value = 0.87) respectively, tests for differences in the number 
of reads between locations, factorial ANOVA and pair-wise TukeyHSD were performed. We 
found that there is a difference in the number of reads between locations (F = 3.36, df = 4, p 
= 0.02), but the pair-wise comparisons showed that this is only significant between Jamaica 
and the Bahamas (diff = 10390.55, p.adj = 0.03).    
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After removing bacterial MOTUs, taxonomic assignment resulted in a total of 16.721 
MOTUs (Molecular Operational Taxonomic Units), of which 7265 MOTUs could be 
assigned to phylum level or lower while 9456 MOTUs (56.6%) remained unassigned. The 
negative controls contained a negligible number of reads. Table 4.1 displays a summary of 
read statistics per location.  
 
 
 Table 4.1 Summary of the read statistics for all locations 
 
 
 Patterns of MOTU richness and read abundances 4.4.2
The number of MOTUs assigned to major eukaryotic groups, at the level of phylum or lower 
(including ‘unassigned Eukarya’ and unassigned Metazoa’), for all the samples in each 
location, are presented (in percentages) in Figure 4.2A. The overall MOTU diversity patterns 
across all five Caribbean locations are strikingly similar. The ‘unassigned Eukarya’ group 
represents by far the largest MOTU richness in every sample, indicating the presence of a 
significant amount of undescribed eukaryotic biodiversity. Sequences identified as ‘other 
protists’ make up the second diverse group. This group is composed of reads, for which it 
was only possible to determine that these did not originate from organisms belonging to 
either the Metazoa, Plantae or Fungi Kingdoms, but which subsequently could not be 
assigned to any higher taxonomic level, adding to the amount of undescribed eukaryotic 
biodiversity that appears to be present in all five sampling locations. Microscopic organisms 
such Bacillariophyta (diatoms) and Dinoflagellata also show a relatively high diversity across 






















Belize 241238 75.6 12.2 2.05 0.06 2817 458 45 21 
Bahamas 430077 65.0 8.64 0.24 0.10 4669 861 45 27 
Jamaica 493324 58.6 14.6 0.12 0.005 4971 845 31 9 
Turks & 
Caicos 
724252 75.8 14.4 0.84 0.06 7729 1690 52 28 
BVI 502879 57.7 17.4 0.10 0.009 6294 1370 61 20 
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Rhodophyceae. Species identified as small Metazoa, such as Arthropoda and Annelida, 
additionally contain a relatively high MOTU richness. And while Chordata are detected in 
most samples in four out of the five locations (with the exception of Jamaica, where only 
three samples contain chordate reads), the number of MOTUs assigned to this phylum is very 
small, indicating low chordate diversity compared to most of the other groups. 























Figure 4.2 (A) Relative MOTU richness; the 
relative number of MOTUs assigned to the 
different phyla per sample, per location, and (B) 
Relative number of reads of each of the 
different phyla, per sample, per location. 
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The abundances of reads assigned to the different phyla in each sample are shown in Figure 
4.2 B. Although the patterns of read abundances are much less similar among samples and 
locations, compared to the patterns of MOTU richness in Figure 3.2 A, it is evident that the 
‘unassigned Eukarya’ not only represent the greatest diversity, but are also dominant in read 
abundances. The contribution of unknown Eukarya sequences is particularly high in most of 
the samples from Turks & Caicos. By comparing MOTU richness and read abundances of the 
different phyla it is apparent that, for example, Bacillariophyta (diatoms) have a relatively 
high diversity in most of the samples but reads assigned to this phylum are relatively less 
abundant, except in samples from the British Virgin Islands, where most of the 
Bacillariophyta reads are assigned to Rhizosolenia setigera (34.316 reads), a diatom that is 
detected only very sparsely in the other four locations (see Supplementary material 4.3 for all 
the reads per species, per sample). While Rhizosolenia species play a significant role in the 
carbon, silica and nitrogen cycles in the oligotrophic seas, the increase in Rhizosolenia is also 
known to cause fish kills by clogging gills with their hard silica exterior, and from post-
bloom anoxia (Pilskaln et al. 2005; Singler & Villareal 2005). MOTU richness and read 
abundances for Oomycetes, common parasites on marine algae (Li et al. 2010), follow a 
similar pattern. And while a large part of the Oomycetes reads is assigned to MOTUs that 
only occur in the British Virgin Islands samples, these could not be taxonomically assigned to 
any species, genus or family. Additionally, the bulk of unidentified brown algae reads 
(Phaeophyceae), have been detected in this location. Moreover, both the MOTU for 
Bigelowiella natans (a model organism for the Rhizaria), a protist within the phylum of 
Cercozoa, and a MOTU belonging to any of the four marine centric diatoms; Thalassiosira 
pseudonana, Ditylum brightwellii, Grammonema striatula, Skeletonema menzellii, were 
mostly found in the samples from the British Virgin Islands. 
Viridiplantae diversity is relatively low overall, compared to for example 
Bacillariophyta and ‘other Protists’, however, this group’s read abundances are particularly 
high in most of the samples from Jamaica and the Bahamas, and to a lesser extent in the 
British Virgin Islands, with (in all three locations) most of the reads being assigned to either 
Micromonas commoda or M. pusilla, photosynthetic green algae that are members of the 
picophytoplankton. Another significant part of the green algae reads are assigned to the 
MOTU that contains reads from Mantoniella squamata and/or Dolichomastix tenuilepis, both 
members of the class Mamiellophyceae. Viridiplantae reads are absent from most of the 
Turks & Caicos samples, where Dinoflagellata reads are more dominant. Overall, there 
appears to be a pattern, both location wide, and per sample; where there is a high abundance 
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of Viridiplantae reads, there is a lower read abundance attributed to Dinoflagellata and vice 
versa. Hence, while the dinoflagellate MOTU richness is comparable between all samples, 
the number of reads assigned to dinoflagellates is particularly high in samples with low green 
algae abundance. Most of these reads are assigned to the class Dinophyceae, with no higher 
taxonomic classification available. But dinoflagellate reads assigned to Gymnodinium 
catenatum, a planktonic red tide species and paralytic shellfish poison (PSP) producer 
(Morey-Gaines 1982; Mee et al. 1986), were detected in all but six samples. While for 
example the peak in dinoflagellate abundance in sample number 10 from the Bahamas is 
additionally made up of Gyrodinium impudicum, which is not associated with PSP (Fraga et 
al. 1995). Nevertheless, most of the reads in this sample are assigned to either Heterocapsa 
circularisquama or Heterocapsa triquetra, both biotoxin producing species (Horiguchi 
1995). In many of the samples, reads from the dinoflagellate genus Symbiodinium 
(unicellular algae, colloquially called zooxanthellae), which encompasses the largest and 
most prevalent group of endosymbiotic dinoflagellates, are also present. The British Virgin 
Islands is the only location that has a relatively large number of reads assigned to 
Ochrophyta, a group of mostly photosynthetic heterokonts, with the bulk of the reads 
originating from brown algae (Phaeophyceae), some of which could be assigned to species 
level, such as: Canistrocarpus cervicornis and Chattonella subsalsa, a common bloom 
species (causing ‘brown tides’) (Hallegraeff et al. 2003). 
Reads from some metazoan phyla, such as the Mollusca, are locally more abundant, 
in particular in sample 3 from Turks & Caicos. Of those reads, 426 could specifically be 
assigned to Chelidonura hirundinina, an aglajid sea slug, and 88 reads to Littoraria 
angulifera, the mangrove periwinkle, a marine gastropod mollusc belonging to the family 
Littorinidae. There is also some high local abundance of Cnidaria and Echinodermata in the 
water column. The peak of Cnidarian reads in sample 7 in Turks & Caicos is solely made up 
of reads from the Hydrozoan Cunina fowleri. Some Scleractinian coral species, such as 
Siderastrea radians, Porites astreoides and Stephanocoenia michelinii were also detected. 
The Echinoderm reads in sample 19 from Turks & Caicos are all assigned to the brittle star 
Ophiocoma echinata. Echinodermata reads in the Jamaican samples are, in addition to 
Ophiocoma echinata, assigned to for example Lytechinus variegatus (green sea urchin), 
Holothuria impatiens (bottleneck sea cucumber), and Actinopyga agassizi (five-toothed sea 
cucumber). 
While most of the annelid reads could only be assigned to an unidentified Polychaete 
worm, a large portion of the reads assigned to Annelida in Jamaican sample 1, belongs to 
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either one of the Polychaetes Artacama valparaisiensis or Polycirrus carolinensis. Lastly, 
most of the reads assigned to Chordata are derived from ascidian tunicates (12.458 reads). 
Some of which could be assigned to species level, such as Botryllus schlosseri (golden star 
tunicate) and the non-native species Styela plicata (pleated sea squirt). The large number of 
chordate reads in Belize samples 3 and 7 and Turks and Caicos 4 and 9, is entirely made up 
of unidentified species from the tunicate order Enterogona. Most of the remainder of the 
chordate reads were assigned to Actinopterygii (862 reads) and Chondrichthyes (298 reads), 
all of which could be taxonomically assigned to species level; 61 teleost and 6 elasmobranch 
species were detected (table 4.2).  
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Species Common name Species Common name 
Acanthurus bahianus ocean surgeonfish Sparisoma rubripinne redfin parrotfish 
Acanthurus chirurgus doctorfish tang Sparisoma viride stoplight parrotfish 
Acanthurus coeruleus Atlantic blue tang Eucinostomus havana bigeye mojarra 
Moringua edwardsi common spaghetti eel Haemulon aurolineatum tomtate grunt 
Atherinomorus stipes hardhead Silverside Haemulon carbonarium Caesar grunt 
Hypoatherina harringtonensis reef silverside Haemulon flavolineatum French grunt 
Platybelone argala keeltail needlefish Haemulon plumierii white grunt 
Strongylura notata redfin needlefish Haemulon sciurus blue striped grunt 
Tylosurus crocodilus houndfish Lutjanus apodus schoolmaster snapper 
Parablennius marmoreus seaweed blenny Lutjanus griseus mangrove snapper 
Acanthemblemaria paula dwarf spinyhead blenny Lutjanus synagris lane snapper 
Malacoctenus erdmani blenny Ocyurus chrysurus yellowtail snapper 
Malacoctenus triangulatus Saddled blenny Abudefduf saxatilis sergeant major 
Carangoides ruber bar jack Chromis cyanea blue chromis 
Caranx latus horse-eye jack Chromis multilineata brown chromis 
Brevoortia tyrannus Atlantic menhaden Stegastes adustus dusky damselfish 
Harengula clupeola False herring Stegastes partitus bicolor damselfish 
Harengula humeralis redear herring Stegastes planifrons threespot damselfish 
Anchoa mitchilli bay anchovy Epinephelus guttatus red hind 
Engraulis eurystole silver anchovy Sphyraena barracuda great barracuda 
Coryphopterus tortugae patch-reef goby Scomber scombrus Atlantic mackerel 
Gnatholepis thompsoni goldspot goby Scomberomorus cavalla king mackerel 
Lythrypnus nesiotes Island goby Scomberomorus regalis cero 
Ctenogobius saepepallens dash goby Calamus calamus saucereye porgy 
Apogon aurolineatus bridle cardinalfish Calamus penna sheepshead porgy 
Clepticus parrae creole wrasse Pseudupeneus maculatus Spotted goatfish 
Halichoeres bivittatus slippery dick Sphoeroides spengleri bandtail puffer 
Halichoeres radiatus puddingwife wrasse Carcharhinus perezii Caribbean reef shark 
Thalassoma bifasciatum bluehead wrasse Negaprion brevirostris lemon shark 
Xyrichtys martinicensis rosy razorfish Dasyatis americana southern stingray 
Scarus taeniopterus princess parrotfish Aetobatus narinari spotted eagle ray 
Sparisoma atomarium greenblotch parrotfish Urobatis jamaicensis yellow stingray 
Sparisoma aurofrenatum redband parrotfish Ginglymostoma cirratum nurse shark 
Sparisoma chrysopterum redtail parrotfish 
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 Ordination patterns of community structure  4.4.3
The ordination of the sampling locations is visualized by a non-metric multidimensional 
scaling (nMDS) plot in figure 4.3A. Pair-wise comparisons indicate that significant 
differences in MOTU diversity exist between the five locations (PERMANOVA, Bray-
Curtis, p<0.005 for all combinations of locations). However, grouped samples from the 
Bahamas, Jamaica, Turks & Caicos and Belize have partially overlapping inertia ellipses, 
indicating that at least a proportion of MOTUs is shared between these locations. The 
samples from Turks & Caicos are slightly more divergent, and the samples from the British 
Virgin Islands are completely separated from the other four locations. SIMPER (similarity 
percentage) analysis was used to identify the discriminating taxa between the British Virgin 
Islands and the other four locations. The MOTU contributing most to this differentiation is 
assigned to an unidentified Eukaryotic taxon (MOTU number 703; responsible for 17.1% of 
the differentiation) that is abundant in the four overlapping locations but is very rare in the 
British Virgin Islands.  SIMPER analysis results, showing a list of the 30 most discriminating 
phyla between the British Virgin Islands and the other four locations, can be found in 
Supplementary material 4.3. In order to test whether the MOTU diversity in the British 
Virgin Islands would still be significantly different from the other locations without the 
abundant Eukaryotic MOTU 703, an nMDS for all the samples without this MOTU is 
displayed in figure 3B. The British Virgin Islands ellipse remains fully separated from the 
other locations and pair-wise comparison results remain significant between all locations 
(Bray-Curtis, p<0.005). 
  








For each of the five locations individually, nMDS plots are displayed in figure 4.4, 
showing the ordination patters within each location. In the Bahamas (Fig. 4.4A), two of the 
samples are clearly separated from the rest (Bray-Curtis, p=0.0095). These are sample 
number 1 and 10, the two samples with the largest number of dinoflagellate reads (see also 
Figure 4.2B). Both of these samples were collected from mangrove areas, while the other 
twelve samples originated from reef sites. SIMPER analysis (Supplementary material 4.4) 
indicates that an unidentified dinoflagellate MOTU contributes most to the differentiation 
between the mangrove and reef samples. The second most important MOTU is the same 
eukaryotic MOTU 703 that is mainly responsible for the separation between the British 
Virgin Islands and the other locations. As opposed to the dinoflagellate MOTU, this one is 
much more abundant in the reef samples compared to those from the mangroves. Together 
with the green algae Micromonas commoda, which only appears in the reef samples, these 
three MOTUs account for almost 29% of the differentiation between reef and mangrove 
samples.  
Figure 4.3 Non-metric multidimensional scaling (nMDS) plot (Bray-Curtis, based on relative 
MOTU read abundances) showing the ordination pattern for the five sampling locations (A) 
including all MOTUs, and (B) without MOTU 703. Pair-wise comparisons indicate significant 
differences in MOTU diversity between all the locations, with (A) and without (B) MOTU 703 
(Bray-Curtis, p<0.005). 
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In Belize, samples were collected from both back (shallow/inside the lagoon) and fore 
(deeper/towards open water) reef sites, which is reflected in the ordination plot (Fig. 4.4B), in 
which the samples are separated in fore and back reef ellipses (Bray-Curtis, p<0.05). The 
back-reef samples are characterized by higher numbers of dinoflagellate, Bacillariophyta, 
Viridiplantae and chordate (tunicate) reads, while the samples from the fore-reef contain 
more ‘unassigned Eukarya’, Oomycetes and Cnidaria reads (Fig. 2B). SIMPER analysis 
shows that the same unknown eukaryote MOTU 703 is responsible for almost 22% of the 
differentiation between the back and fore reef samples, being more abundant in the fore reef 
sites. Additionally, the same unknown dinoflagellates are the second most important MOTU, 
occurring mostly in the back-reef samples. The additional differentiation within the back-reef 
ellipse can be explained by the fact that these samples were collected from two different back 
reef sampling sites (Supplementary material 4.1).  
The sampling sites in the British Virgin Islands are separated into four different 
groups (Fig. 4.4C). The samples that were collected directly from the shore (without the use 
of a boat) are most different from the samples that were collected from the three different reef 
sites collectively (Bray-Curtis, p<0.05). SIMPER analysis indicates that both the unknown 
eukaryote 703 and dinoflagellate MOTUs contribute most to the dissimilarity in MOTU 
diversity between the shore and the reef sites. Together with an unidentified mollusc MOTU, 
they contribute to almost 32% of the total dissimilarity (Supplementary material 4.4).  
In Jamaica, samples were collected from two distinct sites, Discovery Bay and 
Montego Bay, which are grouped separately in Figure 4D. Montego Bay is a relatively large 
city, home to an airport and a cruise terminal. While Discovery Bay is a small town and 
receives less tourism. Hence, the separation between the two sites may be related to 
differences in anthropogenic disturbances and pollution. The unassigned eukaryote MOTU 
703 (more abundant in Montego Bay), together with Micromonas commoda and an additional 
unassigned eukaryote MOTU, contribute to 21% of the dissimilarity (Bray-Curtis, p<0.005) 
between the two sites. 
From the Turks and Caicos samples, three sampling environments are distinguished 
by the nMDS (Fig. 4.4D). Similar to the samples from the Bahamas, the samples collected 
from mangrove areas are grouped separately from the samples collected from reef sites 
(Bray-Curtis, p<0.001), where likewise, the unassigned eukaryote 703 is the most dominant 
MOTU in the reef samples and is responsible for almost 26% of the dissimilarity between the 
samples from the two environment types. The unassigned dinoflagellate, being more 
abundant in the mangrove sites, represents the second most important MOTU. In order to test 
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whether the separation of samples within the five sampling locations would remain without 
MOTU 703, nMDS plots for the five locations without 703, were produced and can be found 
in supplementary material 4.5. Pair-wise comparisons results remained significant for all 
locations. 
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Figure 4.4 Non-metric multidimensional 
scaling (nMDS) plots showing the ordination 
patterns, separately for each of the five 
sampling locations  
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4.5 Discussion 
By applying environmental DNA COI metabarcoding to unfractionated marine water 
samples, we attempted to characterize marine eukaryotic diversity and spatial patters between 
and within five Caribbean locations. Our metabarcoding results show a high level of 
eukaryotic MOTU richness (16.721 MOTUs). However, a disproportionally large amount 
(56.6%) of all MOTUs could not be assigned to any further taxonomic level beyond 
Eukaryota, suggesting that the sampled communities host a staggering amount of yet 
undescribed micro-eukaryotic diversity. Compared to more targeted metabarcoding 
applications, this approach allowed us to scan biodiversity over a greater taxonomic breadth 
and additionally, to consider hidden molecular diversity so that ecologically important 
sequences are included in the overall biodiversity analysis and that the effect of these 
important taxa on  diversity may still be evaluated, even when these sequences can currently 
not be taxonomically assigned to a known morphological group or species. This diversity is 
undetectable with approaches that base taxonomic assignment on database matches with a 
high percentage of identity, not taking into account the hitherto undescribed component of 
biodiversity. This is abundantly highlighted by the fact that SIMPER analyses 
(Supplementary material 4.3) suggest that currently unidentifiable MOTUs may actually be 
largely responsible for the differentiation of certain communities. Of those analysed in this 
project, 50% of the differentiations between the different locations/communities is caused by 
less than 20 MOTUs, of which most have a best id of <0.9 with a species present in our COI 
database. These dominant MOTUs would have been left out of any taxonomic assignment 
based on a high level of similarity. Moreover, our data indicate that those taxa that are most 
important for both differences in read abundances and α-diversity between locations (but also 
between sites within these locations), are a component of the currently unidentified diversity. 
A prime example is the unassigned eukaryote MOTU 703, a taxon that contributes notably to 
the differentiation between the sampled communities. And while its removal from the 
analyses does not have a significant effect on the ordination patterns of neither the locations 
nor the sites within each location, this taxon is responsible for 25% of the variability between 
the mangrove and reef samples from Turks & Caicos, and it explains 22% of the variability 
between the fore and back reef sites in Belize. The representative sequence of this MOTU is 
sequence number 703 (out of 16.721 MOTUs) to appear in the MOTU database, which 
indicates that it is highly abundant (590.000 reads) and is thus expected to be a relatively 
important component of the sampled communities. This novel sequence may either belong to 
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a yet completely undescribed species, or to a species that has already been described 
morphologically and/or genetically identified with different markers, but for which the COI 
marker has yet to be described. 
 Our dataset also contains a relatively high diversity of undescribed animal sequences, 
indicated by the extent of MOTU richness in the ‘Unassigned Metazoa’ group (Fig. 4.2 A). It 
has previously been suggested that indeed many animal lineages remain currently unsampled 
and/or unsequenced, potentially even harbouring novel groups (López-escardó et al. 2018). 
Another group in our dataset that is defined by unidentified MOTUs, is the ‘Other Protists’, a 
known to be highly diverse, yet heavily undersampled group (Foissner 2008; de Vargas et al. 
2015) that may display a wide range of trophic modes (Vaulot et al. 2002) and includes a 
high diversity of parasites and photosymbiotic taxa (de Vargas et al. 2015). 
 The British Virgin Islands were sampled two years later than the other locations, 
which could potentially have played a role in the pronounced separation of this location 
compared to the other four. However, the samples were collected during the same period 
(February and March). Moreover, the MOTU explaining 17% of the variability between the 
British Virgin Islands and the other locations is the unknown eukaryotic MOTU 703, which 
is a lot less abundant here. Additionally, except for the Bacillariophyta Rhizosolenia setigera, 
most other important MOTUs in the British Virgin Island Samples were also detected in the 
other four locations. 
All sampling methods are subject to methodological limitations, and different 
sampling methods will capture different subsets of biodiversity (R. Kelly et al. 2017; Shelton 
et al. 2016). Like more traditional survey methods, eDNA metabarcoding has a certain level 
of taxonomic selectivity, which may be a result of primer bias. Additionally, when using COI 
as a metabarcoding marker, the number of species (MOTUs) will often be overestimated due 
to the existence of ‘numts’, nuclear sequences of mitochondrial origin (Bensasson et al. 2001; 
Vamos et al. 2017). Moreover, the use of different metabarcoding markers, with different 
levels of taxonomic resolution and completeness of reference databases, may produce 
datasets displaying dissimilar community structure. Consequently, if for this study we had 
chosen to use a primer set targeting a different marker, such as 18S rRNA (which is often 
used for studies of planktonic eukaryotes), the dominant unassigned eukaryote MOTU 703 
from our study may have been identified to a higher taxonomic level, if this part of its 
genome has previously been sequenced, while other taxa that were identified down to species 
level by the Leray-XT primers, may not have been identified at all (López-escardó et al. 
  104 
2018; de Vargas et al. 2015), due to the limited taxonomic resolution power and the more 
incomplete eukaryotic database of the 18S marker. 
The vast majority of marine life is physically small and dominant in both numbers 
and diversity (Guil 2011; Snelgrove 1999), consequently in a water sample, eDNA from 
small eukaryotic organisms far outnumbers that of any vertebrate species, rendering the 
detection of eDNA from species such as teleosts in unfractionated water samples with a 
broad-spectrum primer, almost like an eDNA needle in the proverbial haystack. Even more 
so, at least part of the DNA from microscopic eukaryotes will have originated from entire 
individuals, as opposed to exclusively extracellular DNA from larger species, potentially 
drowning out part of the eDNA signal from these larger individuals. Nonetheless, the Leray-
XT primer set was capable of detecting not only 61 teleost species but also 6 elasmobranch 
species. 
However, and particularly considering the high levels of diversity present within the 
sampled habitats, the amplification of predominantly micro eukaryotes compared to larger 
species, the possibility of taxonomic bias causing inconsistent amplification success rates 
between different taxa, and the incompleteness of reference databases; the use of a 
combination of primer sets targeting different metabarcoding markers may be essential for a 
sufficiently comprehensive community assessment of eukaryotic biodiversity.  
While biodiversity loss has been exhaustively documented for macro and mega fauna 
(which only represent a small fraction of total marine biodiversity), to our knowledge, no 
research has addressed specifically this issue pertaining to microscopic eukaryotic 
communities, which is most likely due to the difficulties in characterizing and quantifying the 
diversity of these communities (Bouchet et al., 2002; Fonseca et al., 2010; Hirai et al., 2015), 
as many species lack diagnostic morphological features. Despite the limitations of not being 
able to assign the bulk of detected MOTUs to any taxonomic level beyond Eukaryota, it was 
still possible to detect differences in community composition between locations and even 
between sites within those locations. Suggesting that in spite of the current major gaps in 
reference databases, COI metabarcoding of unfractionated water samples can be useful for 
describing coarse biodiversity trends. For certain ecological applications, the identification, 
abundances and patterns of distribution of a particular MOTU may be sufficient, while a 
scientific designation for that MOTU is yet unavailable (Cordier et al. 2017). However, as 
species-level analysis of pelagic biodiversity is critical for understanding impacts of climate 
change, detecting invasive species, and the design of management objectives (Bucklin et al. 
2016; Leray & Knowlton 2016), the unravelling of the composition of hidden eukaryotic 
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diversity and its subsequent description are by no means a minor but essential task, as 
comprehensive reference databases are critically needed for the taxonomic designation of 
eukaryotic DNA sequences. And while it has been estimated that between 24 and 98% of 
marine eukaryotic species are yet to be described (Leray & Knowlton 2016; Goodwin et al. 
2017; Mora et al. 2011), the advent of high throughput sequencing and DNA metabarcoding 
are rendering the huge task of uncovering this hidden diversity using a ‘reverse taxonomy’ 
approach (Markmann & Tautz 2005) and in particular taxonomic assignment with COI 
metabarcoding, less insurmountable. Simultaneously, studies aimed at identifying areas 
harbouring high numbers of potentially very important microeukaryotes could serve to direct 
targeted sampling to examine the most abundant microplankton, using powerful microscopy, 
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Rapid and accurate large-scale species identification and diversity assessment are essential in 
monitoring and conservation programs for marine species. Environmental DNA (eDNA) 
metabarcoding is increasingly being applied for the assessment of a diverse range of 
vertebrate species, including teleosts. However, currently used teleost primers present several 
shortcomings such as limited taxonomic coverage and limited available reference sequences, 
which still hinders species-level diversity assessment in taxonomically diverse groups. Here 
we evaluate the performance of four metabarcoding primers for the assessment of teleost 
diversity from aqueous environmental DNA samples from UK transitional coastal sites, by 
specifically focusing on the following variables: (1) completeness of reference database (2) 
taxonomic coverage (3) taxonomic resolution (4) primer specificity, and (5) overlap between 
DNA-based identification and morphological surveys. By comparing the data generated by 
an established 12S primer set with that of three alternative COI primer sets, with different 
lengths, we test if the enhanced reference databases and taxonomic resolution of COI provide 
better results. This study shows that eDNA metabarcoding is a promising method for teleost 
biodiversity assessment and that in future applications, a multi-marker approach will most 
likely be the most appropriate one. However, significant improvements in both reference 
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5.2 Introduction 
The development of effective management and conservation strategies for marine fishes 
depends on accurate population status, biodiversity, and species distribution data. However, 
detecting species occurrences is often even more challenging in the aquatic environment than 
on land (Webb & Mindel 2015), and obtaining this data by traditional capture and 
observation-based sampling methods, is often time-consuming, expensive, and invasive in 
nature. Moreover, it is subject to intrinsic biases related to catchability and requires 
taxonomic expertise (Dejean et al. 2012; Taberlet et al. 2012; Takahara et al. 2013; Wheeler 
2004).  
Currently, environmental DNA (eDNA) metabarcoding of complex samples for aquatic 
biodiversity assessments is becoming an increasingly popular method for the detection of fish 
communities in a more resource efficient, comprehensive and non-invasive manner (Bakker 
et al. 2017; Evans & Lamberti 2017; Yamamoto et al. 2017). The detection of multiple 
species from eDNA is based on the retrieval of genetic material (e.g. skin cells, metabolic 
waste, blood), naturally released by organisms in their environment (Ficetola et al., 2008; 
Taberlet et al., 2012), and the subsequent amplification, sequencing, and taxonomic 
assignment of this material, through metabarcoding (Ji et al. 2013; Dejean et al. 2012; 
Thomsen & Willerslev 2015).  
It has previously been demonstrated that eDNA metabarcoding has the ability to outperform 
traditional survey methods for diverse taxa, including fish, both in freshwater (Civade et al. 
2016; Deiner et al. 2016; Hänfling et al. 2016; Valentini et al. 2016), and in marine 
ecosystems (Port et al. 2016; Thomsen et al. 2016; Yamamoto et al. 2017). Not only does 
high throughput sequencing of eDNA provide a non-invasive and easy to standardize means 
to rapidly identify multiple taxa without the need for taxonomic identification, it also enables 
the identification of species that might not be detected using conventional survey methods, 
such as cryptic species and the juvenile stages of many species, of which the distributions 
during these phases can only be assumed.  
Environmental DNA metabarcoding holds considerable promise to revolutionise our 
understanding of the spatial and temporal patterns of fish diversity in aquatic environments, 
particularly in improving estimates of species richness, by revealing the composition of entire 
fish communities in locations of interest (Lawson Handley 2015; Evans & Lamberti 2017; 
Yamamoto et al. 2017).  
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As opposed to the detection of a single species, for biodiversity assessment using eDNA 
metabarcoding, primers are designed to amplify ‘universal’ barcoding regions that are 
evolutionarily conserved across the full spectrum of target species (but still contain enough 
sequence variability to allow taxonomic resolution of the different species within the targeted 
community), while having minimal affinity to non-target taxa, such that most of the 
sequencing depth is dedicated to detecting the species of interest. Hence, the choice of the 
‘right’ primers for the job, is of critical importance.  
Several markers, of different lengths, have been proposed for both the detection of individual 
fish species, and for the characterization of fish communities from aqueous eDNA (Ficetola 
et al. 2010; Kelly, J. a. Port, et al. 2014; Leray et al. 2013; Miya et al. 2015; Riaz et al. 2011; 
Stoeckle et al. 2017; Thomsen, Kielgast, Lars L. Iversen, et al. 2012; Valentini et al. 2016), 
however, consensus on an optimal generic fish marker has yet to be reached (Shaw et al. 
2016), and studies comparing different markers on the same samples, particularly pertaining 
to marine species, are scarce. 
Currently, the mitochondrial cytochrome oxidase I (COI) and the 12S marker gene regions 
are the most widely used in fish DNA barcoding studies (Hardy et al. 2011; Shaw et al. 
2016). The (COI) barcode region (Hebert, Ratnasingham, et al. 2003), is one of the most 
commonly sequenced regions for analysis of species diversity among marine animals 
(Bucklin et al. 2011; Bucklin et al. 2016), due to its high taxonomic resolution resulting from 
high mutation rate. COI variability is large enough to allow the discrimination of closely 
related species in most groups, and can even inform on intraspecific variation associated with 
geographic structure (Bucklin et al. 2011). Additionally, the availability of the large Barcode 
of Life Data (BOLD) system greatly facilitates taxonomic assignment (Clarke et al. 2017; 
Hebert, Cywinska, et al. 2003; Ratnasingham & Hebert 2007). However, since the COI 
region shows high codon degeneracy (‘third codon wobble’) throughout its sequence, it lacks 
highly conserved primer-binding sites (potentially causing taxonomic bias through primer-
template mismatches when targeting genetically diverse taxonomic groups), making the 
design of universal primers, such as is essential for biodiversity metabarcoding studies, very 
difficult (Clarke et al. 2014; Deagle et al. 2014; Pinol et al. 2015; Sharma & Kobayashi 
2014). Instead, it has been argued that the use of mitochondrial non-coding, ribosomal 
markers, with more conserved primer binding regions, such as the 12S region, may be more 
appropriate (Clarke et al. 2014; Deagle et al. 2014; Miya et al. 2015; Yang et al. 2014). 
Nonetheless, due to the higher level of sequence conservation, ribosomal markers often have 
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limited taxonomic resolution (potentially underestimating species diversity within a 
community), and additionally, have less exhaustive reference databases, compared to COI. 
 Regardless of marker choice, whether a target species in a complex mixed eDNA 
sample can be detected, will depend on a number of factors (Fig. 5.1) (1) completeness of the 
reference database; if a reference sequence for this species is available, (2) taxonomic 
coverage of the chosen primer set; if the species-specific barcode sequence can be amplified, 
(3) taxonomic resolution of the barcoding marker; if the marker sequence is able to 
characterize the species (and not just the genus or family it belongs to), and (4) the taxonomic 
specificity of the primer set; if the produced reads of all target species are of sufficient 
abundance, compared to non-target taxa that may be present in the same sample.  
In this study, we evaluate and compare the theoretical and practical performances of 
four primer sets, targeting both the mitochondrial COI and 12S regions (Table 5.1), for the 
diversity assessment of teleost fish communities from coastal and transitional waters in the 
United Kingdom. We used in silico PCR (Ficetola et al. 2010) to compare taxonomic 
coverage and resolution of novel COI fragments of two lengths (SeaDNA-Short 55 bp and 
SeaDNA-Mid 130 bp), specifically designed for the amplification of teleosts. Another, more 
universal, COI primer set (Leray-XT, 313 bp) targeting eukaryotic diversity (Wangensteen, 
Palacín, Guardiola 2017), and one established 12S, teleost specific, primer set (MiFish, 170 
bp) (Miya et al. 2015). Subsequently we compared their efficiency in teleost eDNA 
amplification, in vitro, in order to determine primer efficiency in the amplification and 
characterization of teleost diversity in natural eDNA samples, from four locations in North 
Sea and English Channel coastal sites in Britain (Fig. 5.2). Additionally, an important aspect 
in testing the potential of eDNA methods to be applied as a tool in monitoring marine 
species, is to survey the natural environment using both traditional and eDNA methods in 
concert. Thus, the various primers are also compared in terms of fish detection compared to 
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Figure 5.1 Factors determining whether the DNA of a species, present in a complex, mixed eDNA 


















5.3 Material and methods 
 Water sampling 5.3.1
A total of 15 sites were sampled, in four coastal British locations. These included: the Tees 
Estuary, two sites within the Esk Estuary, the Test Estuary and Whitsand Bay, sampled 
between October and November of 2016. The former three are estuarine sites, while the latter 
is a coastal shelf area. These locations are major habitats with importance for fisheries, 
environmental monitoring and conservation. A map of sampling locations is shown in Fig. 
5.2. Three replicate samples per site, consisting of 2 litres of water, were collected by hand 
(while wearing disposable gloves) in sterile collection bottles. In order to minimize the 
amount of plankton (non-target taxa) in the samples and to remove algae and sediment 
(reducing the severity of filter clogging) prior to passing the samples through the filters, 
collection bottles were covered with a 250 µm pore size nylon mesh pre-filter, attached to the 
neck of the bottle by an elastic band. The mesh was discarded after the water sample was 
collected.  
  





























Fish sampling in the Esk estuary was done by two replicate fyke nets (Esk-fyke) and two 
replicate beach-seine nets (Esk-seine), during October 2016. At the Tees sampling site, fish 
surveys were conducted by both two beach-seine nets and two shallow beam trawls, also 
during October of 2016. During November of the same year, impingement monitoring of fish 
species was conducted in the Test Estuary and four otter trawls as described in (Sims et al. 
2004), were conducted in Whitsand Bay. The variety of fishing techniques used in the 
Figure 5.2 Map of the United Kingdom, showing the four sampling locations. The Tees 
Estuary, the Esk Estuary, the Test Estuary and Whitsand Bay. 
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different sampling locations are part of the currently ongoing monitoring programmes 
implemented by our local collaborating organizations and stakeholders; the Environment 
Agency, PISCES Conservation Ltd. And the Marine Biological Association. 
 Sample processing and DNA extraction 5.3.3
After collection, the water samples were individually covered, put into individual sterile 
plastic bags, and stored in a cooler box filled with ice, while being transported back to the 
dedicated controlled eDNA laboratory facilities at the University of Salford. Within five 
hours after collection, each 2-litre sample was filtered through a sterile 0.22 µm Sterivex™-
GP filter (polyethersulfone (PES), Merck Millipore, Germany) using a 100 mL 
polypropylene syringe (Merck Millipore, Germany). After filtration, the filters were stored at 
-20 ºC, prior to extraction. DNA was extracted from the filters with the DNeasy PowerSoil 
DNA Isolation Kit (Qiagen), following the manufacturers’ protocol, with the addition of an 
initial 2-hour agitation step, during which the membrane filters were placed in tubes with 
lysis buffer (C1) and garnet beads from the PowerWater Isolation kit. The tubes were 
subsequently placed in an orbital shaker at low speed, at 65 ºC, in order to promote the 
release of DNA from the membrane. Filtration blank controls were processed in parallel. 
Purified extracts were assessed for DNA concentration in a Qubit fluorometer (Thermo 
Fisher Scientific). Disposable nitrile gloves were worn during all stages of sample and filter 
processing and laboratory equipment and surfaces were cleaned using a 50% bleach solution. 
 
 Primer Design 5.3.4
We designed two new metabarcoding primers, SeaDNA-short and SeaDNA-mid, specifically 
targeting teleosts. These primers were designed using a dataset of complete COI genes for 
fishes. A total of 2,317 complete fish mitochondrial genomes were downloaded from NCBI 
(https://www.ncbi.nlm.nih.gov/genome/browse/) in November 2016. The COI genes were 
extracted using a hidden Markov model in the program HMMER v3.1 http://hmmer.org/ 
(Eddy 1998), taxonomic annotations were added using rfishbase v2.1.2 (Boettiger et al. 
2012), and the sequences were aligned using MAFFT v7.123 (Katoh & Standley 2013). 
Primers were then designed manually in Geneious 8.8.1 (Kearse et al. 2012), with the 
assistance of Primer3 (Untergasser et al. 2012) and the sliding window functions in spider 
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v1.3.0 (Boyer et al., 2012; Brown et al., 2012). The new primer sets are both internal to the 
Folmer fragment (Folmer et al. 1994), which is commonly used for DNA barcoding. 
 
 Library preparation and sequencing 5.3.5
Four different metabarcoding markers were amplified, for which the details are presented in 
table 5.1. To all four primers, 8-base sample specific oligo-tags, differing in at least 3 bases 
were attached (Guardiola et al. 2015). In order to increase variability of the amplicon 
sequences, a variable number (2, 3 or 4) of fully degenerate positions (Ns) was added at the 
beginning of each primer (Wangensteen & Turon 2017). The PCR conditions for the 12S 
MiFish primers followed (Miya et al. 2015), and for the Leray-XT primers, (Wangensteen, 
Palacín, Guardiola 2017). For PCR amplification with the newly designed SeaDNA-Short 
and SeaDNA-Mid primers, a two-step protocol was used, attaching the 8-base tagged 
primers, after an initial amplification, in the second PCR. The mix recipe for the first PCR 
included AmpliTaq Gold DNA polymerase, with 1 µl of each 5 µM forward and reverse 
primers, 0.16 µl of bovine serum albumin and 10 ng of purified DNA in a total volume of 20 
µl per sample. The recipe for the second PCR was identical, except for the primers now being 
the forward and reverse 8-base tagged primers. For the first stage PCR, the profile included 
an initial denaturing step of 95 ºC for 10 minutes, 40 cycles of 94 ºC 30 sec, 47 ºC 45 sec and 
72 ºC 30 sec and a final extension step of 72 ºC for 5 minutes. The profile for the second 
stage PCR was identical, except for the annealing temperature being 50 ºC instead of 47 ºC. 
All PCR amplifications were done in duplicate reactions to minimize PCR bias. The quality 
of all amplifications was assessed by electrophoresis, running the products through a 1.5% 
agarose gel stained with Gel Red (Cambridge Bioscience) and visualized on a UV light 
platform. Between the first and second PCR step, amplicons were purified using MinElute 
PCR purification columns (www.qiagen.com) and diluted ten times prior to being used as a 
template for the second PCR. After the second PCR, all tagged amplicons were pooled by 
marker, purified using MinElute columns and each pool was eluted in a total volume of 45 µl, 
in order to concentrate the amplicons approximately 15 times, for NGS library preparation. 
Libraries (one for each marker) were built using the ligation-based NetFlex PCR-free library 
preparation kit (BIOO Scientific). The libraries were quantified using the NEBNext qPCR 
quantification kit (New England Biolabs) and pooled in equimolar concentrations along with 
1% PhiX (v3, Illumina) serving as a positive sequencing quality control. For each primer, the 
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15 samples were run using two PCR duplicates, along with one filtration and one PCR blank. 
The libraries were sequenced on an Illumina MiSeq platform, using V3 chemistry (2x75bp 
paired-end run) for the SeaDNA-Short library, which was run along two other libraries (from 
an unrelated project). For the MiFish and SeaDNA-Mid libraries V2 chemistry (2x150bp 
paired-end run) was used, and these were sequenced in the same run. The Leray-XT library 
was run using V2 (2x250bp paired-end run) chemistry along with one different library (from 
an unrelated project). Sequencing depth for all libraries was approximately similar.  
A dedicated controlled eDNA lab, with separate rooms designated for the physical separation 
of eDNA extraction, pre-PCR preparations and post-PCR procedures, was used for all 
laboratory work. Moreover, to identify potential contamination, every library included one 
filtration blank (DNA extraction from a Sterivex filter after passing 2L of commercial 
drinking water), and one PCR blank. 
 
 
Table 5.1 Details of the PCR primer sets used in this study. Amplicon lengths are given both 






 In silico evaluation of the primer sets 5.3.6
In order to compare taxonomic coverage and species-level resolution of all four primer sets, 
they were evaluated in silico against 160 teleost species that are found in UK transitional 
Name Locus Primer sequence (5’-3’) Amplicon 
length 
(bp) 
Full length; amplicon + 
primers + sample tags + 






   GGGGGAAGAARYCARAARCT 





   TAGAGGRGGGTARACWGTYCA 
130 312 This study 
Leray-XT COI 
GGWACWRGWTGRACWITITAYCCYCC 
   TAIACYTCIGGRTGICCRAARAAYCA 
313 510 
Wangensteen 
et al. (2017) 
MiFish 12S 
GTCGGTAAAACTCGTGCCAGC 
   CATAGTGGGGTATCTAATCCCAGTTTG 
165 345 
Miya et al. 
(2015) 
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coastal waters. A species list, provided by the Water Framework Directive, United Kingdom 
Technical Advisory Group, is available in Supplementary Material 5.1. Available full COI 
and 12S sequences for these species were downloaded from Genbank and the ability of each 
primer set to amplify the different species (taxonomic coverage) was assessed using ecoPCR 
and the ecotaxstat function (Ficetola et al. 2010), allowing 3 mismatches per primer, and no 
mismatches in the two base pairs at the 3’ end. The program ecoPCR uses a pattern-matching 
algorithm to identify sequences within a database that can be amplified with a given primer 
pair by constraining the relative orientation of and maximum distance between primer- 
binding sites, as well as the number of mismatches between primer and target sequences 
(Ficetola et al. 2010). This approach could not be used directly for partial COI sequences 
(corresponding to the standard Folmer barcoding region) to evaluate the Leray-XT primer set, 
since most barcode sequences in the Genbank and BOLD databases usually lack the reverse 
primer binding sequence (as it lays just outside the Folmer fragment) (Wangensteen et al. 
2018). Thus, for those teleosts for which no complete COI sequences were available, ecopcr 
and ecotaxstat were ran against sets of COI barcode sequences with an artificial jgHCO2198-
matching sequence attached to the 3' end. This made it possible to test the coverages of the 
internal forward primers and to compare the performance of the Leray-XT primer set with the 
other three primer sets, although the taxonomic coverage produced by this primer set could 
be overestimated using this approach, as it does not account for potential mismatches in the 
reverse primer region of the partial COI sequences. To check the taxonomic resolution of the 
markers, the ecotaxspecificity function was used (Ficetola et al. 2010). This function 
calculates the ratio of the amplified species that can be unambiguously identified by the 
amplified fragment.  
 Bioinformatic and statistical analysis 5.3.7
The metabarcoding pipelines were based on the OBITools software suite (Boyer et al. 2016). 
Quality of the raw reads was assessed using FastQC and the length of raw reads was trimmed 
to a median Phred quality score >30, after which paired-end reads were assembled using 
illuminapairedend. The reads with alignment quality scores >40 were kept and the resulting 
dataset demultiplexed using ngsfilter. A length filter (obigrep) was applied to the aligned 
reads (45-65 bp for SeaDNA-Short, 120-140 bp for SeaDNA-Mid, 303-323 bp for Leray-XT 
and 155-185 for MiFish) in order the select only the fragments with the correct target size. 
Reads containing ambiguous bases were also removed. The reads were then dereplicated 
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using obiuniq, and chimeric sequences were detected and removed using the uchime-denovo 
algorithm (Edgar et al. 2011) implemented in vsearch (Rognes et al. 2016). The MOTUs 
were subsequently delimited using the step by step aggregation clustering algorithm 
implemented in SWARM 2.0 (Mahé et al. 2015) with a d-value of 13 for Leray-XT 
(Wangensteen et al. 2018), d=3 for Miya, d=2 for SeaDNA-short, d=6 for SeaDNA-Mid. The 
values for this parameter were chosen taking into consideration the natural variability and the 
length of the different fragments, and the homogeneity of taxonomic assignment of the 
clustered sequences was checked for selected MOTUs, in order to validate the used d values. 
The SWARM 2.0 algorithm results in variable thresholds for delimiting MOTUs across 
different branches of the taxonomic tree, following the natural organization of the clusters in 
multidimensional sequence space, and includes one final step that breaks chained MOTUs 
that could lead to artificial over clustering and hence to an underestimation of MOTU 
richness values. Taxonomic assignment of the representative sequences for each MOTU was 
performed using the ecotag algorithm (Boyer et al. 2016), which uses a bespoke reference 
local database and a phylogenetically-based approach for assigning unmatched sequences to 
the last common ancestor of the most closely related sequences in the reference database. A 
COI database (Wangensteen, Palacín, Guardiola, 2017) containing 191.295 Eukarya 
sequences, retrieved from the BOLD database (Ratnasingham & Hebert 2007) and the EMBL 
repository (Kulikova 2004), was used for the Leray-XT primers. Bespoke teleost databases 
for the MiFish 12S (6868 sequences), SeaDNA-Mid COI (67070 sequences), and SeaDNA-
Short COI (259696 sequences) primer sets were built with sequences retrieved from 
Genbank. Reference databases are publicly available from: 
http://github.com/metabarpark/Reference-databases. After taxonomic assignment, the final 
refining of the datasets included taxonomic clustering of MOTUs assigned to the same 
species and minimal abundance filtering; unassigned MOTUs with less than 5 reads for 
SeaDNA-Mid, less than 3 reads for SeaDNA-Short, 2 reads for Leray-XT and 60 reads for 
MiFish, were discarded. The minimum read abundance cut-off rates per marker were 
optimized to reduce the number of false positive MOTUs, considering the number of teleost 
reads generated by each of the markers. After taxonomic assignment, the resulting datasets 
from the PCR duplicates from each sample, were combined in order to reduce the effect of 
PCR amplification bias and sequencing errors (Alberdi et al. 2017; Burgar et al. 2014; Leray 
& Knowlton 2015) in order to maximize diversity detection. The pipelines used for data 
analysis, for both metabarcoding markers, are summarized in Supplementary material 5.2. All 
statistical analyses were performed in R v 3.3.0 (https://www.R-project.org/). Package vegan 
  117 
(function speccacum) (Oksanen et al., 2016) was used for obtaining MOTU accumulation 
curves. Custom R scripts are publicly available from http://github.com/metabarpark. 
 
5.4 Results 
 In silico evaluation of the primer sets 5.4.1
We have tested the theoretical performance of the COI and 12S primer sets, by 
computationally evaluating them against a list of 160 teleost species found in estuarine and 
transitional waters in the UK. Based on the four factors determining species detectability as 
shown in Figure. 5.1, the theoretical performances of each of the four primer sets are 
displayed in Table 5.2. All three COI primer sets, have a reference sequence available for 
94.4% of the 160 species, while for the 12S primer set, a reference sequence is available for 
only 51.9% of the 160 different teleost species. Additionally, the COI primer sets have 
relatively high taxonomic coverage and taxonomic resolution, compared to the 12S primers 
set. However, the performance in taxonomic specificity of the 12S primer set, is superior 
compared to all three COI primer sets, indicating that 77% of the amplified reads will belong 
to teleost species, as opposed to non-target taxa. Thus, based on in silico analysis, the 12S 
marker has an incomplete reference database, moderate taxonomic coverage, moderate 
taxonomic resolution, but a very high specificity for the amplification of teleost DNA. Hence, 
it is expected to produce a high number of teleost reads, but it will possibly yield a relatively 
low number of detected species, with moderately accurate species identification compared to 
the COI markers, which have a much more exhaustive reference database, good taxonomic 
coverage, very good taxonomic resolution, but very low taxonomic specificity. Accordingly, 
the COI primer sets are expected to produce a very low number of teleost reads (compared to 
reads from non-target taxa), but from a more diverse assemblage of species. Moreover, they 
are expected to show highly accurate species identification ability compared to the 12S 
primer set. 
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Table 5.2 Results from the in silico analysis, comparing the theoretical performance of the four 
primer sets in the detection of 160 teleost species from UK transitional waters. 







12 S Miya 
MiFish 170 bp 
83 spp.: 51.9% 
69 spp.: 
83.1% 





151 spp.: 94.4% 
144 spp.: 
95.5% 
142 spp.: 98.6% 
Very low: 0.05% 
teleost reads 
COI SeaDNA-
Mid 130 bp 
151 spp.: 94.4% 
128 spp.: 
84.8% 




Short 55 bp 
151 spp.: 94.4% 
147 spp.: 
97.3% 
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 Teleost detection  5.4.2
A total of 15 samples, from 4 locations (5 sites), in 4 different amplicon libraries, were sequenced 
using three separate Illumina MiSeq runs. The read statistics for all four primer sets after sample 
assignment, quality and sequence-length filtering, and combining the results from the PCR duplicates 
from each sample, are displayed in Table 5.3. No teleost reads were detected in the negative controls. 
Overall, 60 teleost MOTUs were detected by eDNA metabarcoding, of which 36 species were 
exclusively detected by eDNA. In total, 41 different species were detected by the morphological 
surveys, of which 18 species were not detected by eDNA. A total of 27 species was detected by both 






















Figure 5.3 Comparison of the different species detected by morphological surveys and by eDNA metabarcoding. 
The overlap represents the 27 species detected by both methods. 
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Table 5.3 Sequencing read statistics for the four primer sets 
  









































4447441 54392 1.223 18 103442 2.326 1275366 553237 28.676 2515396 56.558 
12S Miya 
MiFish 
2312505 1795728 77.653 33 2295310 99.256 17195 0 0.744 0 0 
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As shown in Figure 5.4, there is only a relatively small overlap in species detection between 
the four different primer sets. Eight species are detected by all four primers, six marine 
species, Aphia minuta (transparent goby), Gasterosteus aculeatus (three-spined stickleback), 
Oncorhynchus mykiss (rainbow trout), Salmo salar (Atlantic salmon), Salmo trutta (brown 
trout) and Trisopterus luscus (whiting-pout), and two fresh water species Barbatula 
barbatula (stone loach) and Gobio gobio (gudgeon). While a total number of 60 species was 
detected, half (30 species) was detected by only one of the four primer sets. Leray-XT 
uniquely amplified 10 species, while 13 species were only amplified by MiFish, 4 by 
SeaDNA-Mid and 3 by SeaDNA-Short. If one would have to choose a combination of two 
primer sets, Leray-XT and MiFish combined, detect a total of 51 different teleost MOTUs. 
However, SeaDNA-Short is the only primer set that has detected Pseudorasbora parva 
(indicated by a blue star in Fig. 5.4), the topmouth gudgeon (or stone moroko), which is 
native to Asia, but has been introduced and is now considered an invasive species in Europe 
(Britton et al. 2010; Pindera et al. 2005). Moreover, 5 out of the 33 MOTU’s that were 
detected by the MiFish primer set, were taxonomically assigned, with 100% accuracy, to 
species that do not occur in UK waters. Both Chelidonichthys spinosus (spiny red gurnard) 
and Pleuronectes quadrituberculatus (Alaska plaice) are Pacific species (red stars in Fig. 5.4) 
while their Atlantic counterparts Chelidonichthys cuculus (red gurnard) and Pleuronectes 
platessa (European plaice), indeed do occur in the North Sea. Moreover, three MOTU’s 
delimited by the MiFish primer set, have been taxonomically assigned to Mediterranean 
species, Atherina hepsetus (Mediterranean sand smelt), Pomatoschistus knerii (Kner’s goby) 
and Symphodus ocellatus (ocellated wrasse) (green stars in Fig. 5.4). Most likely, these 
sequences are derived instead from similar species occurring in the North Sea; Atherina 
presbyter (sand smelt), Pomatoschistus minutus (sand goby) and Symphodus melops 
(corkwing wrasse). The incorrect taxonomic assignment to sister species is probably caused 
by the fact that many sequences deposited in the 12S teleost database are derived from 
Pacific counterparts while the sequences of the European species are absent from the 
reference database. Details for the number of reads per species, per location, for each primer 
set, are available in Supplementary material 5.3. 

























Figure 5.5 shows all the species detected by both traditional morphological sampling, and the 
eDNA surveys, for the four different primers, indicated per sampling site. The site with the 
highest density of species diversity, detected by both morphological and eDNA surveys, is 
the Test estuary. Here 22 species were identified by morphological surveys, and 44 species 
by eDNA metabarcoding. At every site, more teleost species were detected by the combined 
four primer sets than with the morphological surveys (Table 5.4.) However, none of the four 
primer sets individually outperforms the morphological sampling at all sites (only at 1,2 or 3 
out of the 5 sites). Furthermore, the detection patterns overall are very irregular, and the 
matches between the morphological surveys and metabarcoding results are not very robust, 
indicating that a larger number of replicates would be needed (see also Figure 5.3). Ten 
Figure 5.4 Venn diagram showing the distinctive and overlapping species detection between all four primer sets. 
Red stars indicating MOTUs taxonomically assigned to Pacific species and green stars indicating MOTUs 
assigned to Mediterranean species. The blue star indicates the invasive topmouth gudgeon (Pseudorasbora 
parva). 
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freshwater species were detected by eDNA but not the morphological surveys; Barbatula 
barbatula (stone loach), Cottus gobio (European bullhead), Cyprinus carpio (European carp), 
Gobio gobio (gudgeon), Leuciscus idus (ide), Perca fluviatilis (European perch), Phoxinus 
phoxinus (Eurasian minnow), Pseudorasbora parva (topmouth gudgeon), Scardinius 
erythrophthalmus (common rudd), and Squalius cephalus (Chub). It is most likely that the 
DNA from these species was transported down to the sampling estuaries from the upstream 
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Table 5.4 Numbers of teleost species detected at each of the sampling sites, by both morphological 
and eDNA surveys. Number of species for eDNA surveys are given for the four primers combined 
and for each primer set individually. Coloured numbers indicate eDNA species detection performance 
compared to morphological surveys. Green indicates same or higher number of species detected and 
red indicates less species detected compared to morphological surveys. 
 













Esk –Fyke 8 23 9 4 12 8 
Esk –Seine 4 22 7 5 11 6 
Tees 7 14 5 4 5 4 
Test 22 44 23 9 16 25 




 Teleost diversity and read abundance patterns 5.4.3
Violin plots of MOTU richness for each primer set (Fig. 5.6), show how the different sample values 
are distributed, by comparing the variable sample size distribution across the five different sites. The 
distribution of density (number of MOTUs per sample) is represented by the width of the plots. Even 
though there are pronounced differences in species detection between the primers (Fig. 5.4), and 
additionally, in the numbers of different MOTUs detected (Table 5.3), the patterns of MOTU richness 
between the four primers is strikingly similar. The first thing that becomes apparent is that when using 
any of the four primer sets, the Test estuary is the location with the highest MOTU (species) diversity. 
With a maximum of >20 MOTUS in one sample with both MiFish and SeaDNA-Short primers, and a 
minimum of 9 MOTUs per sample (for SeaDNA-Mid). While the Tees estuary shows the lowest 
MOTU richness per sample (between 2 and 7 MOTUs), with any of the four primer sets. MOTU 
richness is most diverse among the different samples of the Esk-Fyke site, as indicated by the size and 
Figure 5.5 Presence/absence diagram showing all the species (in alphabetical order) detected in the five sampling 
sites. For every site, species detection is shown for traditional sampling (‘Trad’; total number of individuals detected), 
and for the four different primers, for which the total number of sequences is shown. Indicated by the red arrows are 
the ten fresh water species 
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shape of its plots. The sites can be ordered from highest to lowest MOTU richness; (1) Test, (2) Esk-
Fyke & Whitsand, (3) Esk-Seine, and (4) Tees. No samples contain less than 3 teleost MOTUs.  
 
  
























 Patterns of β-diversity 5.4.4
Patterns of community structure between the five sampling sites are presented for all four 
primer sets in Figure 5.7, visualizing the dissimilarities among the different sites. Even 
though the species detection patterns between the four primers, within each site, are irregular 
(Fig. 5.5), it is apparent that samples cluster according to sampling site, with all four primers. 
The samples from Whitsand are most dissimilar from the other sites (with all primers), which 
is in accordance with the fact that this is a continental shelf sampling location, while the 
others are estuarine.
Figure 5.6 Violin plots showing detected teleost diversity (MOTU richness), per sample in the different sites by the 
four primers sets. The shapes indicate the density distribution of the samples, extending from the minimum to the 
maximum observed values. The median values are indicated by the red dots. The thick black bars are the interquartile 
ranges. The thin black extending lines represent the 95% confidence intervals such that the values in the wider parts of 
the plots are more probable than those in the narrower parts. 



























Figure 5.7 nMDS ordinations of the three replicate samples per location, as produced by each of the four primer sets. 
Results are based on the Jaccard index, based on the presence-absence data of MOTUs. Numbers in the upper right corners 
indicate stress of the final configurations 
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5.5 Discussion 
The lack of suitable universal primers currently hinders the application of eDNA 
metabarcoding techniques for the characterization of teleost communities in estuarine and 
marine waters. Therefore, the goal of this study was to evaluate and compare the theoretical 
and practical performances of four primer sets, in amplifying a wide array of teleost diversity 
present in UK estuarine and marine ecosystems. Both in silico, and in vitro analysis allowed 
us to evaluate and compare the efficiency of two established (COI and 12S), and two novel 
(both COI) eDNA metabarcoding primer sets, in describing teleost diversity in five UK 
sampling sites, and additionally, to compare these results with concurrent morphological 
sampling.  
As was predicted by in silico analysis (Table 5.2), the 12S MiFish primers have much 
greater specificity (77.7% of all reads was assigned to teleosts), compared to the three COI 
primers (Table 5.3). Strikingly, while with the Leray-XT primers (which are not designed 
specifically for the amplification of teleosts, but rather for eukaryotes in general) teleost read 
abundance only accounted for 0.05% of all reads (very low primer specificity), the number of 
species detected (MOTU richness) was nearly identical to that of the MiFish primers (32 and 
33 respectively). However, there is an overlap of only 17 species between these two primers 
(Fig. 5.4), indicating that both are underperforming in species detection. Both primer sets 
show potential for applied eDNA metabarcoding of teleost diversity assessment in UK 
waters, however, significant improvements are required. For the 12S MiFish primers, that 
already have very high teleost specificity, it is mostly the reference database that is currently 
insufficient, particularly for the identification of Atlantic teleost species, as was indicated by 
the in silico analysis (only 51.9% of the 160 species was present in the reference database, 
Table 5.2), and highlighted by the taxonomic assignment of eDNA reads from UK sampling 
sites, to species that only occur in the Pacific Ocean or in the Mediterranean Sea (Fig. 5.4). 
However, irrespective of database completeness, some congeneric taxa will have exactly the 
same sequence within the relatively short length of the amplicon (165 bp), and hence, it will 
not be possible to distinguish those closely related species. While the COI Leray-XT markers 
allow for a high level of accurate species identification (taxonomic resolution of 98.6%, 
Table 5.2), their selectivity for teleost DNA is very low. Improving primer selectivity, while 
at the same time keeping broad taxonomic coverage for teleosts is very challenging, and it is 
this same challenge that lays at the base of the design of metabarcoding primers for any 
taxonomic group.  
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Even though the two other COI primers, SeaDNA-Mid and SeaDNA short, were 
designed specifically for this study, with the aim of improving selectivity for teleost 
sequences, they clearly performed less well compared with the MiFish and Leray-XT primer 
sets. Both of these primers were expected to perform at least equally well as the Leray-XT 
primers, based on the premises of producing a significantly shorter amplicon (130 and 55 bp 
respectively, compared to 313 bp for the Leray-XT primers), increasing the chances of 
amplifying the full length of the marker, from the degraded small fragments of DNA present 
in the water and enhancing the selectivity for teleost sequences. However, in order to 
improve taxonomic coverage of teleost sequences by keeping low levels of primer bias, both 
SeaDNA primers contain considerable levels of ambiguity (Table 5.1) in order to improve 
their universality (Wangensteen, Palacín, Guardiola, 2017), which in combination with the 
shorter amplicon length, was expected to result in better teleost detection performance. It has 
been suggested that 50-55bp may be the optimal amplicon length to acquire maximum 
resolution while concurrently optimizing (degraded) eDNA amplification by using a 
minimum amplicon length (Hajibabaei et al., 2007; Wangensteen, Palacín, Guardiola, 2017). 
However, targeting short fragments may increase the probability of amplifying more of the 
eDNA present in a sample, it will also inevitably decrease taxonomic resolution of the 
marker, due to increased synonymies between species within these short sequences, rendering 
these primers less discriminant at the species level. Consequently, a large part of the teleost 
reads from both SeaDNA primers, could only be taxonomically assigned to genus or family 
level. Additionally, while for both SeaDNA primers, the forward primer is identical, the 
reverse primer of SeaDNA-Mid is prone to an increased level of primer bias due to a higher 
level of mismatches in the reverse primer binding site, resulting in a smaller taxonomic 
coverage (table 5.2), leading to a decreased level of taxonomic resolution compared to 
SeaDNA-Short. Accordingly, 17 and 18 teleost MOTUs were identified by SeaDNA-Mid and 
SeaDNA-Short respectively, but in each sampling site, SeaDNA-Short detected more species 
compared to SeaDNA-Mid (Table 5.4). Thus, our efforts to achieve an increase in the number 
of teleost reads while keeping high coverage levels and low primer bias, using COI-based 
markers, were largely unsuccessful. 
Fish monitoring in the sampled range of transitional water bodies cannot be 
consistently applied, consequently, the catch data at each site is influenced by the different 
sampling approaches. However, the purpose of this study was firstly, to compare the 
performance of the different primers sets among each other and secondly, to investigate how 
eDNA metabarcoding compares to the standard traditional fish sampling, implemented in the 
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different locations, irrespective of sampling method. In spite of the fact that with a 
combination of the four primer sets, eDNA species detection was superior at every sampling 
site, and overall, 19 more species were detected with eDNA metabarcoding compared to the 
morphological surveys, the detection patterns between the two methods are quite dissimilar 
and 18 species present in the morphological samples have not been detected by eDNA 
(Figure 5.3). We expect that this issue will largely be resolved with increased eDNA sample 
sizes. 
Our study reiterates that eDNA metabarcoding can be used to assess teleost diversity 
from water samples, however, even when a single taxonomic group is targeted, the use of 
different primer sets may still produce biased results in species detection within the same 
sample, indicating that the application of metabarcoding approaches for the detection of 
species-level diversity, using a single marker, still faces significant challenges. Thus, in order 
for eDNA metabarcoding to develop into a tool that can be used to assist fisheries 
professionals in the assessment and monitoring of fish communities, it is expected that in 
future applications for the assessment of community diversity for such taxonomically diverse 
groups as teleost, a multi-marker combination of primer sets may be most suitable to reduce 
taxonomic biases and increase taxonomic coverage and species detection probability, and 
hence provide a more accurate picture of species diversity. 
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6 Chapter VI  
General Conclusion 
 
The overarching theme of this thesis has been the development and application of an 
environmental DNA approach for the assessment of marine communities, with a special 
emphasis on elasmobranchs. The present body of work underpins the usefulness and potential 
implications of eDNA for large scale marine community assessment and monitoring. 
Environmental DNA is a tool with a growing list of research and conservation applications, 
in a wide range of environments. While eDNA analysis, applied to macro-organisms, was 
initially only used to gather presence-absence and distribution data of one or a few target 
species, other promising lines of enquiry now include population diversity assessment, 
estimates of abundances, population genetics, whole (mito)genome sequencing, diet 
characterisation and the description of trophic interactions. However, in order appropriately 
apply, and interpret the results of eDNA analysis, further research and method development 
is essential. Indeed, great effort will need to be directed towards primer design and the 
improvement of reference databases for a range of barcoding markers. Additionally, in order 
to gain a more comprehensive understanding of the ecology of eDNA and to increase the 
confidence with which interpret eDNA data sets may be interpreted, further investigations 
assessing how different environmental and taxa specific factors affect the production, 
degradation, distribution and detection of eDNA, is critical to both its current and future 
applications. This may be particularly true for elasmobranchs, as this group’s unique 
biological and physiological traits are likely to influence eDNA production and detection.  
As advances in molecular ecology, bioinformatics, and sequencing technologies 
continue to accelerate, eDNA methods have the potential to open up great possibilities for the 
applications of biodiversity assessments in general, but also specifically for the assessment 
and monitoring of shark communities. With a growing number of endangered and critically 
endangered shark and ray species, there is a clear urgency for a cost-effective, non-invasive 
and reliable method to obtain basic distribution, abundance and diversity data to advance 
conservation and management efforts. Many shark populations could benefit from the 
application of eDNA methods to study their diversity, abundance and distribution. 
Environmental DNA clearly has great potential to aid in conservation, remediation and 
restoration efforts of sharks and their relatives, as eDNA sampling can access inhospitable 
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environments, target elusive species, and provide a vast reduction in labour costs. In the 
future, it may be possible to implement mechanical sampling of (shark) eDNA. However, 
with over 95% of elasmobranchs found in marine ecosystems, and marine eDNA research 
still being in its infancy, compared to fresh water studies, it is important that research will 
focus on filling important knowledge gaps in order to improve the reliability of eDNA studies 
in marine ecosystems. 
Conservation and management of marine biodiversity relies on the effective 
monitoring of species across large oceanic areas, where direct observation and identification 
of both large and minute individuals, are often complicated. While improvements to the 
method continue to be implemented, eDNA metabarcoding has great potential for developing 
into an effective assessment tool for marine biodiversity assessment, applicable to a wide 
range of ecological goals, from the detection of elusive species or populations, the mapping 
of diversity gradients in response to environmental variation, to the monitoring of the 
effectiveness of spatial protection measures. Environmental DNA applications have the 
potential to drastically enhance our ability to assess and monitor marine biodiversity, and 
shark presence and diversity in particular, which may lead the way to improved conservation 
strategies. 
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7 Appendix  
Contamination control 
 
One of the main challenges associated with the use of eDNA, is dealing with false positive 
and false negative detections. Due to the high sensitivity of eDNA methods, the most serious 
stumbling block is the risk of contamination, and hence the possibility of introducing false 
positive results. Contamination of samples may occur anywhere from preparing sampling 
equipment and collecting the samples in the field (target DNA being carried unintentionally 
from one locality to another), to every subsequent step of sample preparation, extraction and 
analysis in the laboratory. Hence, strict adherence to contamination control was followed at 
all field and laboratory stages in order to prevent the occurrence of contamination. The 
protocol used to minimize/avoid contamination in the field and in the lab including the use of 
disposable gloves (which are chanced when handling a new sample), and single use-sterile 
collection bottles and filtration equipment, and the bleaching (50% bleach) of sampling 
devices and all laboratory equipment and surfaces. Moreover, in the field, after every 
sampling event, the sampling devise was rinsed with tap water and left to dry out in the sun.. 
Additionally, a dedicated controlled eDNA lab at the University of Salford, with separate 
rooms designated for the physical separation of eDNA extraction, pre-PCR preparations and 
post-PCR procedures, was used for all laboratory work. During sample extraction, all 
laboratory equipment and surfaces were bleached after each sample treatment, prior to 
commencing with the next sample. Moreover, to identify potential contamination, DNA 
extraction blanks (elution buffer from extraction kit) and PCR blanks were included in all the 
library preparations and sequencing runs.   
















































Supplementary Material 2.1 Sampling site information and total number of reads and number of 
elasmobranch reads per sample.  
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1. Paired-end alignment. Keep reads with quality > 40. Demultiplexing. 
 
illuminapairedend -r SHAK_S1_L001_R2_001.fastq SHAK_S1_L001_R1_001.fastq | 
obiannotate -S goodali:'"Good_SHAK" if score>40.00 else "Bad_SHAK"' | 
obisplit -t goodali 
ngsfilter -t ngsfilter_SHAK_fields.tsv --fasta-output -u 
unidentified_SHAK.fasta Good_SHAK.fasta > SHAK.filtered.fasta 
2. Filter sequences with lengths between 120 and 135 bp and with only 'ACGT'. 
 
obigrep -p 'seq_length>120' -p 'seq_length<135' -s '^[ACGT]+$' 
SHAK.filtered.fasta > SHAK.filtered_length.fasta 
3. Group unique seqs. 
 
obiuniq -m sample SHAK.filtered_length.fasta >  SHAK.unique.fasta 
4. Change ids to a short index. Change format to vsearch. Remove chimeras. 
 
obiannotate --seq-rank SHAK.unique.fasta | obiannotate --set-identifier 
'"'SHAK'%09d" % seq_rank' > SHAK.new.fasta 
owi_obifasta2vsearch -i SHAK.new.fasta -o SHAK.vsearch.fasta 
vsearch --uchime_denovo SHAK.vsearch.fasta --sizeout --nonchimeras 
SHAK.nonchimeras.fasta --chimeras SHAK.chimeras.fasta --uchimeout 
SHAK.uchimeout.txt 
5. Cluster at 99% with sumaclust. Get cluster centers. 
 
sumaclust -t 0.99 -s count -p 10 SHAK.nonchimeras.fasta >  
SHAK.sumaclust99.fasta 
obigrep -p 'cluster_center' SHAK.sumaclust99.fasta >  
SHAK.sumaclust99.centers.fasta 
6. Taxonomic assignment using ecotag. 
 
ecotag -d taxo_sharks -R db_Elasmobranchii_Bakker_et_al_2017.fasta 
SHAK.sumaclust99.centers.fasta > SHAK.ecotag.fasta 
7. Add taxa above order level. 
 
owi_add_taxonomy -i SHAK.ecotag.fasta -o SHAK.ecotag.fasta.annotated.csv 
8. Recount abundances by sample. 
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obitab -o SHAK.sumaclust99.fasta >  SHAK.sumaclust99.tab 
owi_recount_sumaclust -i SHAK.sumaclust99.tab -o 
SHAK.sumaclust99.counts.csv 
9. Combine ecotag and abundance files. 
 
owi_combine -i SHAK.ecotag.fasta.annotated.csv -a 
SHAK.sumaclust99.counts.csv -o SHAK_all_MOTUs.csv 
10. Collapse MOTUs. 
 
owi_collapse -s 13 -e 88 -i SHAK_all_MOTUs.csv 
11. Curate the dataset manually. 
12. Re-collapse MOTUs after curating. 
 
owi_collapse -s 13 -e 88 -i SHAK_all_MOTUs_curated.csv 
 





































Supplementary material 3.1 Number of shark species per sample in overlapping collection sites. 
Violin plot showing detected shark species richness by the different methods in Chesterfield, 
Entrecasteaux, GLN and Nouméa. Only two eDNA samples were collected in GLN (red dots). White 
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Reverse primers Forward primers 1 Forward primers 2 
Shark-COI-MINIR_tag01 NNNNaacaagccAAGATTACAAAAGCGTGGGC FishF1_tag01 NNaacaagccTCAACCAACCACAAAGACATTGGCAC FishF2_tag01 NNaacaagccTCGACTAATCATAAAGATATCGGCAC 
Shark-COI-MINIR_tag02 NNNggaatgagAAGATTACAAAAGCGTGGGC FishF1_tag02 NNNggaatgagTCAACCAACCACAAAGACATTGGCAC FishF2_tag02 NNNggaatgagTCGACTAATCATAAAGATATCGGCAC 
Shark-COI-MINIR_tag03 NNaattgccgAAGATTACAAAAGCGTGGGC FishF1_tag03 NNNNaattgccgTCAACCAACCACAAAGACATTGGCAC FishF2_tag03 NNNNaattgccgTCGACTAATCATAAAGATATCGGCAC 
Shark-COI-MINIR_tag04 NNNNcgaccataAAGATTACAAAAGCGTGGGC FishF1_tag04 NNcgaccataTCAACCAACCACAAAGACATTGGCAC FishF2_tag04 NNcgaccataTCGACTAATCATAAAGATATCGGCAC 
Shark-COI-MINIR_tag05 NNNatgctgacAAGATTACAAAAGCGTGGGC FishF1_tag05 NNNatgctgacTCAACCAACCACAAAGACATTGGCAC FishF2_tag05 NNNatgctgacTCGACTAATCATAAAGATATCGGCAC 
Shark-COI-MINIR_tag06 NNtgagacagAAGATTACAAAAGCGTGGGC FishF1_tag06 NNNNtgagacagTCAACCAACCACAAAGACATTGGCAC FishF2_tag06 NNNNtgagacagTCGACTAATCATAAAGATATCGGCAC 
Shark-COI-MINIR_tag07 NNNNgagcttacAAGATTACAAAAGCGTGGGC FishF1_tag07 NNgagcttacTCAACCAACCACAAAGACATTGGCAC FishF2_tag07 NNgagcttacTCGACTAATCATAAAGATATCGGCAC 
Shark-COI-MINIR_tag08 NNNttaccaggAAGATTACAAAAGCGTGGGC FishF1_tag08 NNNttaccaggTCAACCAACCACAAAGACATTGGCAC FishF2_tag08 NNNttaccaggTCGACTAATCATAAAGATATCGGCAC 
Shark-COI-MINIR_tag09 NNtgagagctAAGATTACAAAAGCGTGGGC FishF1_tag09 NNNNtgagagctTCAACCAACCACAAAGACATTGGCAC FishF2_tag09 NNNNtgagagctTCGACTAATCATAAAGATATCGGCAC 
Shark-COI-MINIR_tag10 NNNNctgaccttAAGATTACAAAAGCGTGGGC FishF1_tag10 NNctgaccttTCAACCAACCACAAAGACATTGGCAC FishF2_tag10 NNctgaccttTCGACTAATCATAAAGATATCGGCAC 
Shark-COI-MINIR_tag11 NNNatgcttggAAGATTACAAAAGCGTGGGC FishF1_tag11 NNNatgcttggTCAACCAACCACAAAGACATTGGCAC FishF2_tag11 NNNatgcttggTCGACTAATCATAAAGATATCGGCAC 
Shark-COI-MINIR_tag12 NNaacaccgtAAGATTACAAAAGCGTGGGC FishF1_tag12 NNNNaacaccgtTCAACCAACCACAAAGACATTGGCAC FishF2_tag12 NNNNaacaccgtTCGACTAATCATAAAGATATCGGCAC 
Shark-COI-MINIR_tag13 NNNNttaccgctAAGATTACAAAAGCGTGGGC FishF1_tag13 NNttaccgctTCAACCAACCACAAAGACATTGGCAC FishF2_tag13 NNttaccgctTCGACTAATCATAAAGATATCGGCAC 
Shark-COI-MINIR_tag14 NNNccagtatgAAGATTACAAAAGCGTGGGC FishF1_tag14 NNNccagtatgTCAACCAACCACAAAGACATTGGCAC FishF2_tag14 NNNccagtatgTCGACTAATCATAAAGATATCGGCAC 
Shark-COI-MINIR_tag15 NNtgagatgcAAGATTACAAAAGCGTGGGC FishF1_tag15 NNNNtgagatgcTCAACCAACCACAAAGACATTGGCAC FishF2_tag15 NNNNtgagatgcTCGACTAATCATAAAGATATCGGCAC 
Shark-COI-MINIR_tag16 NNNNgtgcaactAAGATTACAAAAGCGTGGGC FishF1_tag16 NNgtgcaactTCAACCAACCACAAAGACATTGGCAC FishF2_tag16 NNgtgcaactTCGACTAATCATAAAGATATCGGCAC 
Shark-COI-MINIR_tag17 NNNacaaccgaAAGATTACAAAAGCGTGGGC FishF1_tag17 NNNacaaccgaTCAACCAACCACAAAGACATTGGCAC FishF2_tag17 NNNacaaccgaTCGACTAATCATAAAGATATCGGCAC 
Shark-COI-MINIR_tag18 NNtgagcctaAAGATTACAAAAGCGTGGGC FishF1_tag18 NNNNtgagcctaTCAACCAACCACAAAGACATTGGCAC FishF2_tag18 NNNNtgagcctaTCGACTAATCATAAAGATATCGGCAC 
Shark-COI-MINIR_tag19 NNNNatggaggtAAGATTACAAAAGCGTGGGC FishF1_tag19 NNatggaggtTCAACCAACCACAAAGACATTGGCAC FishF2_tag19 NNatggaggtTCGACTAATCATAAAGATATCGGCAC 
Shark-COI-MINIR_tag20 NNNtcatacgcAAGATTACAAAAGCGTGGGC FishF1_tag20 NNNtcatacgcTCAACCAACCACAAAGACATTGGCAC FishF2_tag20 NNNtcatacgcTCGACTAATCATAAAGATATCGGCAC 
Shark-COI-MINIR_tag21 NNctgagtctAAGATTACAAAAGCGTGGGC FishF1_tag21 NNNNctgagtctTCAACCAACCACAAAGACATTGGCAC FishF2_tag21 NNNNctgagtctTCGACTAATCATAAAGATATCGGCAC 
Shark-COI-MINIR_tag22 NNNNgaggtgaaAAGATTACAAAAGCGTGGGC FishF1_tag22 NNgaggtgaaTCAACCAACCACAAAGACATTGGCAC FishF2_tag22 NNgaggtgaaTCGACTAATCATAAAGATATCGGCAC 
Shark-COI-MINIR_tag23 NNNggcatgtaAAGATTACAAAAGCGTGGGC FishF1_tag23 NNNggcatgtaTCAACCAACCACAAAGACATTGGCAC FishF2_tag23 NNNggcatgtaTCGACTAATCATAAAGATATCGGCAC 
Shark-COI-MINIR_tag24 NNgtgccataAAGATTACAAAAGCGTGGGC FishF1_tag24 NNNNgtgccataTCAACCAACCACAAAGACATTGGCAC FishF2_tag24 NNNNgtgccataTCGACTAATCATAAAGATATCGGCAC 
Supplementary material 3.2 Full sequences of the 24 tagged primer sets used. The primer mix for each PCR included the reverse primer and an equimolar 
mixture of the two forward primers, all tagged with the same 8-bp tag (in lowercase in this table). A variable number of fully degenerate positions (Ns) was 
added at the beginning of each primer, to increase sequence diversity 
  















































Supplementary material 4.1 List with sampling site information  



















Supplementary material 4.3 Results SIMPER analysis for all locations vs the British Virgin Islands. List of the 30 most abundant (in reads) MOTUs among 
the ones identified by SIMPER as contributing more to the differentiation between the analyzed locations. Id is the identifier of the MOTU in the dataset. Av 
are the mean abundances (in semiquantitative ranks) of the MOTUs in the different sites. Cumsum is cumulative percentage of the MOTUs contributing to the 
differentiation. Rank refers to the taxonomic rank that ecotage could assign to the MOTUs.
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Supplementary material 4.3 Results SIMPER analysis for the mangrove vs reef sites in the Bahamas 
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Supplementary material 4.3 Results SIMPER analysis for the back-reef vs fore-reef sites in Belize 
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Supplementary material 4.3 Results SIMPER analysis for the reef vs shore sites in the British Virgin Islands 
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Supplementary material 4.3 Results SIMPER analysis for the mangrove vs reef sites in Turks & Caicos 
  

































Supplementary material 5.1 List of 160 teleost species that are found in UK transitional coastal 
waters, provided by the Water Framework Directive, United Kingdom Technical Advisory Group
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